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ABSTRACT 
 
Since 2012, brassica production in South Africa has been threatened by the polerovirus 
associated disease, termed Brassica stunting disease (BSD), with high incidences reported on 
cabbage crops. Poleroviruses (genus: Polerovirus, family: Luteoviridae) are aphid (Hemiptera: 
Aphididae) transmitted viral plant pathogens that infect economically important crops throughout 
the world. Cabbage crops affected by BSD are characterized by the flattening and or purpling of 
the leaves, small or no head formation, vascular discoloration, severe stunting and poor root 
development. Currently, farmers attempt to control BSD using cultural practices and spraying a 
broad spectrum of insecticides with the aim of controlling insect vectors. With cabbages being an 
economically important crop that is grown by both small and large-scale farmers and considered 
as a staple food by resource poor populations, the development of effective control strategies for 
BSD is essential for sustainable production of cabbage crops in SA. This study was undertaken 
to investigate the BSD-vector-pathosystem on three levels, i.e. (i) to determine the identity and 
abundance of aphid species found in brassica crop production areas in South Africa, (ii) to identify 
potential polerovirus-vectoring aphid species and (iii) to evaluate insecticides to control BSD by 
targeting aphids infesting cabbage crops. The information provided by these investigations can 
be used for the development of knowledge-based BSD management strategies by the agricultural 
industry. 
 
Considering the absence of information regarding the aphid species diversity found on brassica 
crops in South Africa, a three-year survey was conducted in an open field-brassica producing 
region located in Brits (North West Province, 2016 - 2018) and Groblersdal (Limpopo province, 
2016 – 2017). The diversity and abundance of aphids alighting in various brassica crops, i.e. 
cabbage, cauliflower, broccoli, purple cabbage and Swiss chard as a non-brassica crop, were 
monitored using yellow bucket traps and the captured aphids were characterized using 
morphological characteristics and by DNA barcoding. In total, 36 different aphid taxa were 
identified in both regions, with Aphis spp. and Myzus persicae predominantly occurring in all 
crops. Although the aphid species diversity monitored over the three years remained relatively 
consistent, the aphid activity varied considerably with either half or double the number of winged 
aphids counted in consecutive years. This fluctuation in winged aphid numbers could not be 
explained by weather patterns (temperature or rainfall) for that area over the corresponding three 
years. As such, the best current explanation for the bi-annual pattern in aphid numbers is the 
predator/parasitoid-cycle effect that has been reported in other areas around the world, where the 
presence of high wingless aphid populations is associated with the presence of predators, 
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resulting in a decline in aphid numbers in the subsequent year. This theory was supported by the 
presence of high numbers of parasitized aphids in 2017, followed by drastically reduced numbers 
of colonizing aphids in 2018. 
 
The close association between aphid transmitted poleroviruses and the presence of BSD 
symptoms in brassica crops prompted further investigation of this polerovirus- aphid vector 
relationship (Chapter 2). As such, the 36-aphid taxa collected over the three-year period were 
screened for the presence of poleroviruses. Seven aphid species were excluded from this 
analysis due to low numbers of samples. From the remaining 29 taxa, 19 tested positive for the 
presence of a polerovirus, including Acyrthosiphon pisum, Aphis gossypii (Aphis spp.), M. 
persicae, Rhopalosiphum maidis, Rhopalosiphum padi and Sitobion avenae, which have 
previously been reported to vector poleroviruses and provided evidence for 13 potentially new 
polerovirus vectoring species. To further clarify the role of each of these polerovirus positive aphid 
vector in the BSD epidemiology, their transmission ability and efficiency should be investigated in 
future.  
 
As the role of aphids as vectors of the BSD causative agent was shown in previous insect 
transmission studies conducted between 2014 and 2016, a field study was carried out at the 
commercial farm Modelpak (Brits, North West) during the cabbage growing season in 2017 and 
2018, to evaluate the efficacy of several commercially available systemic insecticides, with 
specificity towards phloem-feeding insects, to reduce the incidence of BSD by targeting aphids 
infesting cabbage crops (Chapter 3). To reduce the cost impact on crop production, the evaluated 
insecticides were used primarily in the form of seed treatments (Sanokote, thiamethoxam; 
Cruiser, thiamethoxam) and seedling drenches (Actara, thiamethoxam; Kohinor, imidacloprid; 
Confidor, imidacloprid). Additional foliar sprays (Aphox, pirimicarb; Karate Zeon, lambda-
cyhalothrin; Movento, spirotetramat) were evaluated in the second year, to determine whether the 
protection period could be extended further into the season. For the field trial, a susceptible 
cabbage cultivar called Conquistador was used and after treatment, was transplanted into the 
open field in a randomized block design that consisted of three replicates per treatment, including 
untreated plants as the control. The field was monitored for aphid activity and infestation weekly, 
by the use of yellow bucket traps and direct counting of winged, wingless and parasitized aphids 
present on a single leaf of 60 plants per treatment. In 2017, the numbers of winged aphid counted 
in the traps and on the plants were relatively low throughout the season (2255), but the colonizing, 
wingless aphids (colonizers) appeared soon after transplant and increased steadily in numbers 
over the season. Symptoms of the BSD appeared early on in this season and was quite severe. 
Under these conditions, the use of systemic insecticides was highly effective in reducing aphid 
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colonization and BSD in the treated cabbage plants, with Actara (8%) and Kohinor (9.2%) 
significantly reducing BSD incidence in comparison to the control (54%). In 2018, the number of 
winged aphids were much higher throughout the season (8590), but there were much less 
colonizing wingless aphids, the symptoms of BSD appeared much later in the season and the 
disease severity levels were much lower. As a result, the systemic insecticides were much less 
effective in controlling both the number of migrating wingless aphids counted on the crop plants 
and the BSD incidences. It can thus be concluded that early treatment with systemic insecticides 
are highly effective in reducing aphid colonization, secondary transmission and early infection, 
resulting in lower BSD incidences, but when high numbers of migrating winged aphids are present 
throughout the growing season, the treatments are less effective in preventing BSD affecting crop 
production. 
 
To further investigate the polerovirus-aphid-BSD pathosystem, the identity of the polerovirus 
species present in the chemical field trials were determined by RT-PCR/RFLP analysis (Chapter 
3). The RFLP profiles obtained indicated the presence of at least four different polerovirus isolates 
in association with BSD affected cabbage plants, including isolates of TuYV-Anhui, BrYV-AJS, 
TuYV-FL and CaSV-SA, in single (30%) and or mixed (70%) infections of two or three isolates. 
Mixed infections by an isolate of TuYV-Anhui and BrYV-AJS was the most predominant and this 
combination of viral isolates in a single plant is thought to have given rise to the recombinant 
isolate CaSV-SA. To fully understand the role of these polerovirus isolates in the BSD 
pathosystem, the full genomic sequences of all the polerovirus isolates should be obtained and 
Koch’s postulate be completed for each isolate.  
 
The results of this study contributed valuable information about the polerovirus-aphid-BSD 
pathosystem. In addition to providing an overview of the aphid diversity feeding on brassica crops 
and identifying the potential polerovirus vectoring aphid species, the study also demonstrated the 
potential of insecticides towards improving the control of BSD. This information will assist with the 
development and implementation of effective management strategies to reduce the damage of 
BSD to the vegetable industry of South Africa. 
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1.1 Brassica crops 
The Brassicaceae or mustard family, consists of 338 genera and 3709 species. Of the 338 genera, 
the genus Brassica contains numerous species that are grown as vegetable crops, oilseed, 
condiments and fodder which have a vital role in agriculture, horticulture, and human health 
(Ahuja et al. 2010; Augustine et al. 2014). Cabbage, cauliflower, Chinese cabbage, oilseed rape, 
broccoli, turnip, kale, Brussels sprouts and swede are among the brassica species that are 
cultivated globally and are also referred to as ‘Cole crops’ (Ahuja et al. 2010). Cabbage is by far 
the most popular brassica vegetable grown by South African farmers, both small scale and 
commercially, and is considered as one of the main vegetables grown as a subsistence crop 
(Mandiriza-Mukwirimba et al. 2016).  
 
With an annual global production of 71 million tons, brassica crops are of major importance in the 
agricultural industry (FAOSTAT, 2016). An estimated total of 149 628 tons of cabbage and other 
brassicas are produced every year by both commercial and small-scale farmers in South Africa 
(SA) (FAOSTAT, 2016). Hybrid varieties are predominantly planted by commercial farmers and 
an estimated amount of 619 kg broccoli, 2 742 kg cabbage and 352 kg cauliflower hybrid seeds 
are sold and grown on about 3 200, 20 000 and 2 200 hectares of land in SA, respectively 
(FAOSTAT, 2016). 
 
Brassica vegetables are one of the most extensively consumed crops globally (Kapusta-Duch et 
al. 2012). Their daily consumption is crucial for human health as they are a great source of 
nutrients and bioactive compounds (Kapusta-Duch et al. 2012; Augustine et al. 2014; Mandiriza-
Mukwirimba et al. 2016). They contain antioxidants (vitamin C, E, carotenoids) and antioxidant 
enzymes (peroxidase, catalase and superoxide dismutase). These phytochemicals are known to 
benefit human health by preventing oxidative stress, inducing detoxification of enzymes, 
stimulation of the immune system, reducing the risk of cancers, inhibition of carcinogenic and 
malignant mutations, as well as the proliferation of cancer cells (Kapusta-Duch et al. 2012). Thus, 
they are considered as an important food source (Augustine et al. 2014; Mandiriza-Mukwirimba 
et al. 2016). Furthermore, cole crops can be used in the bio-fumigation process as biocontrol 
agents and in crop rotation, providing important traits for both traditional and organic farming 
(Ahuja et al. 2010). 
 
Brassica species are economically valuable and can adapt to grow in a wide range of climatic and 
geographical conditions (Ahuja et al. 2010; Augustine et al. 2014). However, during their growth 
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season, brassica crops are under continual attack by insect pests and various pathogens 
including fungi, bacteria and plant viruses (Kayum et al. 2016). Their production can particularly 
be limited by virus-induced diseases, as they are known to be susceptible to different viruses, 
including Beet western yellows virus (BWYV), Broccoli necrotic yellows virus (BNYV) in broccoli; 
Cauliflower mosaic virus (CaMV) in cauliflower and Canola; turnip yellows virus (TuYV), BWYV, 
CaMV, Turnip mosaic virus (TuMV) and BNYV in oil seed rape; TuMV and CaMV in cabbages 
and  Brassica yellows virus (BrYV) infecting nine cruciferous crops including cabbage (Latham et 
al. 2003; Farzadfar et al. 2007; Asare-Bediako, 2011; Wilson et al. 2012; Zhang et al. 2016; Sevik, 
2017). These viruses have wide host ranges and can be found in mixed infections (Hunter et al. 
2002). Thus, they are considered to be economically important as they negatively affect crop 
development and growth resulting in reduced yield of field grown vegetables globally (Kayum et 
al. 2016). 
 
Crop yield is the most important commercial trait and therefore it is crucial to protect crops against 
plant diseases. This can be achieved by developing efficient crop improvement and insect pest 
management strategies, in order to improve the quality and quantity of the end product and to 
ensure continual benefit from these crops as food and plant products (Augustine et al. 2014). This 
will in turn improve the global agricultural output and more importantly, assist with the growing 
food demand of the constantly increasing human population (Savary et al. 2012; Wilson et al. 
2012).  
 
1.2 Brassica Stunting Disease 
In 2012, a devastating disease termed Brassica stunting disease (BSD) was reported in Brits, a 
citrus, vegetable and grain producing area situated in the North West province of South Africa. 
This disease has been seen to affect various brassica crops, such as cabbages, broccoli, and 
cauliflower, but is most prevalent in the species Brassica oleracea var. capitate, i.e. cabbages 
(New and Esterhuizen, 2015). Over the past 6 years, high disease incidences and considerable 
crop losses have been reported in brassica production regions and the disease is now affecting 
all but the Western Cape Province of South Africa (Figure 1-1).  
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Figure 1-1: BSD incidences reported in various provinces of South Africa (adapted from New 
and Esterhuizen 2015). 
 
The brassica stunting disease in cabbages is characterized by the flattening and purpling of the 
leaves, small or no head formation, vascular discoloration in the stem and/or the midrib of the 
leaves, severe stunting and poor root development (Figure 1-2). The disease results in low or no 
yield, poor crop quality and ultimately reduces the market value of the crop, resulting in economic 
loss for the farmer (New and Esterhuizen, 2015). Brassica stunting disease has had a major 
impact on profitable production for small scale, subsistence and commercial farmers, particularly 
for cabbage producers and is considered a threat to sustainable brassica production in South 
Africa. 
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Figure 1-2: Symptoms associated with the brassica stunting disease. (A) Severe stunting 
(circled), (B) flattening of the leaves, (C) purpling of the leaves, (D) poor root development, (E) 
blackening of the vascular tissue (phloem) and (F) reduced head size and or no head formation 
depending on time of infection. 
 
1.3 BSD causal agent 
Taking into consideration the severe impact that BSD has had on brassica production since the 
year 2012, it was critically important to identify the disease causal agent(s) to implement effective 
management strategies. To this end, a research project was launched in 2014 to investigate the 
BSD-pathosystem and as outlined below, provided the industry with information that has led to 
knowledge-based control strategies being implemented.  
 
1.3.1 Identification of the BSD causal agent 
As part of the BSD research project initiated at the University of Johannesburg, an infection trial 
was conducted in Brits, in an open field and in enclosed (insect free) tunnels during a three-year 
period (2014 - 2016). This area was selected because of the pervasive BSD occurrence in this 
region since 2012. The absence of BSD symptoms in cabbage plants grown in insect free tunnels, 
indicated that the BSD is not seed, soil or water-borne but is caused by an insect transmitted 
biological pathogen. To identify this pathogen, genetic material (DNA and RNA) was extracted 
from healthy and infected cabbages collected in Brits and sequenced using next generation 
sequencing (NGS) technology, on an Illumina HiSeq sequencer (New et al. 2016). In both DNA 
and RNA samples, numerous microorganisms were identified, however a viral contig (5465 nt) 
was found only in the infected plant samples. With 100% coverage, this contig was shown to be 
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91% identical to TuYV (GenBank Accession No. X13063), a member of the Luteoviridae family. 
The NGS findings were further confirmed through reverse transcription-polymerase chain reaction 
(RT-PCR) using primers specific to TuYV for the detection of the viral polymerase RdRp gene, 
followed by Sanger sequencing to validate viral identity (New et al. 2016). The TuYV isolate was 
detected in all the symptomatic cabbage plants collected from Limpopo, Gauteng, North West, 
KwaZulu Natal, Eastern Cape and Mpumalanga provinces between the years 2013 - 2015. This 
virus was also detected in symptomatic broccoli, cauliflower, kale and canola but was absent in 
non-symptomatic plants sampled in the same field. This provided the first report of TuYV in South 
Africa on a crop, with a clear indication of a strong association between the presence of TuYV 
infection and plants displaying BSD symptoms (New and Esterhuizen, 2015). 
 
1.3.2 Identification of the BSD insect vector   
During the 2014 - 2016 infection trials in Brits, attempts were made to identify the possible insect 
vector of the BSD. Firstly, all insect species present in the cabbage fields were collected using 
yellow and blue sticky traps over the three-year period and characterized by morphological 
methods (insect identification was provided as a service by Mr. M. Stiller, ARC-PPRI, 
Biosystematics division, Pretoria). Secondly, during the field trail in 2015, the predominant insect 
species present on the cabbage plants themselves were collected using a sucking device and 
then separated into three insect groups, i.e. (i) aphids (Hemiptera: Aphididae), (ii) plant and leaf 
hoppers and (iii) whiteflies. The three insect groups were then evaluated for BSD transmission 
ability, by caging each insect group individually and in triplicate with cabbage seedlings grown 
under insect-free conditions (Figure 1-3 A). Symptom development was monitored and after 45 
days, only the cabbage seedlings caged with aphids exhibited typical BSD symptoms (Figure1-3 
B), which was not observed on either the cabbage plants caged with plant and leaf hoppers nor 
the whiteflies (New and Esterhuizen, 2015).  
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Figure 1-3: Pathogen transmission experiment. (A) Cages containing cabbage seedlings in 
which (i) aphids, (ii) plant and leaf hoppers, as well as (iii) whiteflies were placed to determine 
the BSD insect vector. (B) Symptomatic cabbage plant which was caged with aphids; infected 
cabbage (left) and the control, healthy cabbage (right) (New and Esterhuizen, 2015). 
The presence of TuYV in symptomatic plants and in the caged aphids was confirmed using RT-
PCR and Sanger sequencing of the amplicons. In this experiment, the aphid species responsible 
for TuYV transmission was further identified as the peach potato or the green-peach aphid, Myzus 
persicae (M. persicae), by an entomologist, Mr. Ian Miller at the ARC Biosystematics division.  
 
1.4 TuYV– the viral pathogen associated with BSD 
Turnip yellows virus, formerly also known as Beet western yellows virus, is a phloem-restricted 
plant pathogen that belongs to an important family of RNA plant-infecting viruses, Luteoviridae 
(which will be referred to as luteovirids) (Hipper et al. 2014; Lotos et al. 2014). According to the 
recent publication of the International Committee on Taxonomy of Viruses (ICTV- 
http://www.ictvonline.org) (Domier, 2011), this family is comprised of three genera i.e. Luteovirus, 
Enamovirus and Polerovirus. Amongst the three genera, there are 29 accepted species, i.e. 8 
species in the Luteovirus genus, 19 species in the Polerovirus genus and only 2 in the Enamovirus 
genus, respectively. Classification of the three genera is done using the physiological properties 
of their viral particles and their biological relationship, such as tissue location, vector relations, as 
well as their genome organization (Asare-Bediako, 2011). All luteovirids, except viruses in the 
Enamovirus genus, are naturally transmitted exclusively by aphids (Aphididae: Hemiptera) 
through a circulative, persistent and non-propagative mode (Brault et al. 2005; Du et al. 2007; 
Yang et al. 2008; Ziegler-Graff and Brault, 2008). Luteovirids are regarded as important 
pathogens, as they target numerous agriculturally important crops (small grains, brassicas, 
sugarcane, potato and soybean) as individual viral species in mixed infections with other luteovirid 
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belonging species and or with other unrelated viruses, i.e. co-infection (Chomic, 2011; Alexander 
et al. 2017). 
 
Turnip yellows virus is one of the formally accepted virus species within the Polerovirus genus 
(Table 1-1). This viral pathogen infects a wide host range of at least 13 different plant families, 
but is particularly prevalent in oilseed rape. It readily infects various brassica crops, such as 
cabbage, broccoli, cauliflower, kale, Brussel sprouts, turnips and swede including various weed 
species which can provide a virus reservoir for future virus outbreaks (Coleman, 2013; Farzadfar 
and Pourrahim, 2017). It is also capable of infecting lettuce, spinach and peas, all economically 
important vegetable crops and is therefore considered as a highly problematic pathogen in 
vegetable production worldwide (Schwingehamer et al. 2014). 
 
Luteovirus infection is thought to retard plant growth by inhibiting translocation in the phloem and 
this in turn, induces the loss of chlorophyll thereby resulting in the development of typical viral 
symptoms such as the yellowing and purpling of the leaves (Ali et al. 2014). Turnip yellows virus 
infection is characterized by stunted growth, violet discoloration of the leaves or interveinal 
yellowing and sometimes leaf roll (Juergens et al. 2010; Lotos et al. 2016). These symptoms are 
not easily recognizable as they resemble effects of biotic or abiotic factors such as water stress 
or nutrient deficiency, thereby resulting in the application of fertilizers which cannot be absorbed 
by the infected plant (Mark et al. 2008; Juergens et al. 2010; Sæthre, 2015). In some crops, these 
symptoms are less evident and thereby require the use of serological techniques for detection 
and confirmation of the viral presence (Coleman, 2013). Because of this, the probable economic 
importance of TuYV is most likely underestimated (Coleman, 2013). 
 
Turnip yellows virus has been extensively found in Europe, the United Kingdom, Germany, 
France, Austria, Serbia, Iran, United States of America and Australia in areas of brassica 
production, where in some years, all plants become infected (Stevens et al. 2008; Coleman, 
2013). Unlike BSD in South Africa, TuYV infection in the United Kingdom and Europe is often 
overlooked since the virus rarely causes clear symptoms, even though it often results in significant 
yield reduction, more especially when plants become infected earlier in the growing season 
(Coleman, 2013). The reported yield losses due to TuYV infection in oilseed rape have been 
estimated between 12 - 34% and as high as 37 - 46% in Germany and Australia, respectively 
(Juergens et al. 2010). This virus causes yield loss in many important food crops globally and is 
therefore a significant economic concern for some countries (Coleman, 2013). 
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Table 1-1: List of formally accepted viral species in the genus Polerovirus as classified by the 
ICTV (Domier, 2011). 
Virus species Acronym 
Beet chlorosis virus BChV 
Beet mild yellowing virus BMYV 
Beet western yellows virus BWYV 
Carrot red leaf virus CtRLV 
Cereal yellow dwarf virus-RPS CYDV-RPS 
Cereal yellow dwarf virus-RPV CYDV-RPV 
Chickpea chlorotic stunt virus CpCSV 
Cotton leafroll dwarf virus CLRDV 
Cucurbit aphid-borne yellows virus CABYV 
Maize yellow dwarf virus-RMV MYDV-RMV 
Maize yellow mosaic virus MaYMV 
Melon aphid-borne yellows virus MABYV 
Pepo aphid-borne yellows virus PABYV 
Pepper vein yellows virus PeVYV 
Potato leafroll virus PLRV 
Suakwa aphid-borne yellows virus SABYV 
Sugarcane yellow leaf virus ScYLV 
Tobacco vein distorting virus TVDV 
Turnip yellows virus TuYV 
 
 
1.4.1 TuYV genome structure 
Poleroviruses consist of non-enveloped, icosahedral viral particles of approximately 25 
nanometers (nm) in diameter that enclose a single stranded, monopartite, positive-sense 
ribonucleic acid (+ssRNA) genome (Figure 1-4) (Ziegler-Graff and Brault, 2008; Hipper et al. 
2014; Lotos et al. 2016; Ali et al. 2017). This infectious RNA contains 5600 - 6000 nucleotides 
(nt) and can serve as both the genome and as the viral messenger RNA (mRNA) (Coleman, 
2013). It contains seven open reading frames (ORF) and a viral protein genome-linked (VPg) 
covalently attached to its 5′ end, which is important for RNA synthesis (Figure 1-5) (Coleman, 
2013; Knierim et al. 2013). The 5′ proximal end ORFs 0 - 1 and the 3′ proximal end ORF 2 - 5 are 
separated by a 200 nt non-coding intergenic region (IR) (Knierim et al. 2013). 
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Figure 1-4: Isometric (icosahedral) viral particles of TuYV, 25 – 30 mm in diameter with 32 
capsomeres per nucleocapsid, obtained from a purified virus sample which was examined using 
an electron microscope (Coleman, 2013; Coeur d’acier et al. 2014). 
 
Of the seven ORFs, the first three (ORFs 0, 1, and 2) are expressed from the genomic RNA 
whereas (ORFs 3, 4, and 5) are expressed from a sub genomic RNA (sgRNA1) and the two 
additionally predicted ORFs (ORFs 6 and 7) are predicted to be expressed from a second sgRNA 
(sgRNA2) (Figure1-5) (Kassem et al. 2013). Each of the ORFs code for viral proteins (P). ORF 0 
codes for P0, which has been shown to be a strong silencing suppressor, enhances pathogenicity, 
determines the virus host range and is responsible for symptom development (Asare-Bediako, 
2011; Brault et al. 2011; Zhang et al. 2014). The translational frameshift of both ORF 1 (P1) and 
ORF 2 (P2) produces a fusion protein termed P1-P2 that functions to carry the viral RNA-
dependent RNA polymerase (RdRp) domains and is required for the replication of the virus (Brault 
et al. 2011; Zhang et al. 2014). ORF 3 codes for P3, the coat protein (CP) which is involved in the 
formation of the virions, their packaging and accumulation within the plant. The CP is also 
responsible for the assembly and stability of the viral particles, systemic infection and aphid 
transmission (Asare-Bediako, 2011). This protein is highly conserved with about 50 - 90% identity 
among all poleroviruses (Asare-Bediako, 2011; Brault et al. 2011; Coleman, 2013). ORF 4 codes 
for P4, the movement protein (MP) which is required for long distance phloem-specific movement 
of the viral particles and infection of the whole plant. The ribosomal read-through of OFR 3 results 
in the expression of P5 as a P3-P5 fusion protein required for the accumulation, restriction of viral 
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particles within the plant phloem, symptom expression and also plays a pivotal role in the 
specificity, transmission efficiency and the persistence of the virus within the aphid vector (Asare-
Bediako, 2011; Brault et al. 2011; Knierim et al. 2013; Kassem et al. 2013; Zhang et al. 2014). In 
addition, P6 and P7 are expressed from the 3′ end of the sub-genomic RNA by ORF 6 and ORF 
7 respectively, although their functions are unknown (Brault et al. 2011). 
 
 
Figure 1-5: Genome organization of poleroviruses. Expression of the viral particles occurs 
through sub genomic RNA, ribosomal frameshifting, ribosome leaky scanning, suppression of 
termination, and polyprotein expression which are then replicated within the cytoplasm of plant 
(phloem) cells (Coleman, 2013). 
 
All poleroviruses (Table 1-1) contain a similar genome structure and it is assumed that the 
expression strategy and gene function identified for one species, will apply to all members (Coeur 
d’acier et al. 2014). The presence of the VPg and the ORF0 is a unique characteristic to the genus 
Polerovirus (Figure 1-5) (Brault et al. 2011). The RNA-dependent RNA polymerase (RdRp) gene 
is the main gene used for virus classification of poleroviruses (Domier, 2011). The RdRp coding 
sequence located in ORF1 and ORF2 of the viral genome is significantly different from that of 
other members in the family Luteoviridae and its sequence can be more informative than other 
regions in the viral genome (Lotos et al. 2014).  
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1.4.2 Mechanism of cytoplasmic poleroviral replication 
The poleroviral particles are compelled to live within their host cells, hijacking the enzymatic 
system to work for its own benefits (Ziegler-Graff and Brault, 2008; Hipper et al. 2014). For 
genome transcription and replication, viruses compartmentalize in organelle like structures that 
shield them from host defenses, thereby enhancing their replication efficiency (Ali et al. 2014). 
The replication of TuYV occurs only in the phloem tissue, within the cytoplasmic viral factories 
(Badillo-Vargas and Gildow, 2004; Coleman, 2013; Hipper et al. 2014). As a result, the 
concentration of the virions in an infected plant is usually less than 100 µg/L of plant sap 
(Coleman, 2013). 
 
Following entry in the host cell, the poleroviral genomic RNA is released through the induced un-
coating of the viral particles (Coleman, 2013). The genomic RNA is then used for protein 
synthesis, resulting in the accumulation of RNA replication proteins that function to redirect the 
viral genome from functioning as mRNA to serve as a template for the synthesis of a 
complementary negative strand RNA, which also serves as a template for a new positive strand 
of gRNA and sgRNAs (Ali et al. 2014). The VPg located at the 5′ end serves as a primer for the 
synthesis of the double stranded RNA (dsRNA) from the gRNA (Coleman, 2013). Thereafter, 
transcription and replication of the dsRNA forms new RNA genomes and or viral mRNAs 
(Coleman, 2013). The viral particles are then assembled, and their movement is directed by the 
viral movement protein (P4) from cell to cell (Coleman, 2013).  
 
The virions are transported into distant tissues through the phloem vessel, to initiate new infection 
sites via systemic movement i.e. long-distance transport to invade the whole plant (Dedryver et 
al. 2010; Hipper et al. 2014). However, the ultimate level of the virus titer is influenced by various 
environmental factors, particularly temperature (Juergens et al. 2010). At the site of infection, the 
viral particles stimulate histological and cytological effects in their host that result in various 
physiological disturbances (Dedryver et al. 2010). These physiological disturbances are highly 
dependent on the severity of the virus strain or strains inoculated on the host plant (Dedryver et 
al. 2010). Depending on the time and extent of infection, damage exerted on the host plant may 
include mortality of young plant as well as reduced quality and quantity of the plant (Dedryver et 
al. 2010). 
1.4.3 Aphids as virus vectors  
Aphids belong to the superfamily Aphidoidea, in the order Hemiptera and the suborder 
Sternorrhyncha. There are about 4700 reported aphid species in the world, although only about 
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100 are economically important in the agricultural environment (van Emden and Harrington, 
2007). They are usually found in clement regions and are distributed worldwide, where they 
colonize more than 25% of the existing plant species (Dedryver et al. 2010). Aphids are 
considered as one of the main insect pests within the agricultural industry and are referred to as 
the mosquitos of the plant world, as they vector numerous plant viruses (Badillo-Vargas and 
Gildow, 2004; Coleman, 2013). 
 
Due to their ease of transport and parthenogenetic mode of reproduction, aphids are considered 
as invasive pests (Kinyanjui et al. 2016). They have been reported to cause yield losses of about 
70% - 80% on various crops globally (Kinyanjui et al. 2016). These severe losses are due to the 
direct feeding damage they inflict on the plant by extracting plant sap that results in stunted 
growth, distortion, wilting and yellowing of the leaves (Coleman, 2013; Kinyanjui et al. 2016). 
Moreover, they inflict indirect damage through the transmission of plant viruses and their related 
diseases, plant deformation arising from the toxic salivary secretions and excretion of honey dew 
that favors the growth of sooty mold fungus, a secondary contaminant of the crop that deteriorates 
crop quality by reducing the aesthetic appeal and marketability of the crop (Dedryver et al. 2010; 
Kinyanjui et al. 2016). 
 
Aphids are known to vector a variety of plant viruses that spread from one plant to another 
depending entirely on the behaviour, the dispersal capacity of these insect vectors and the mode 
of transmission (Fereres and Moreno, 2009). More than 50% of all known plant viruses are 
vectored by aphids (Fereres and Moreno, 2009; Kinyanjui et al. 2016). These viruses cause 
diseases of major economic importance thus, the indirect damage that aphids inflict through 
transmission of viruses exceeds their direct impact on crops (Dedryver et al. 2010). They possess 
biological traits such as specialized morphs, host plant alternation, a remarkable short life cycle 
as a result of parthenogenetic reproduction and a distinctive host-finding behaviour that enables 
them to be highly efficient in acquiring and transmitting plant viruses (Wosula et al. 2013). 
 
1.4.4 Aphid anatomy 
Aphid species have diverse morphology. They are generally pear-shaped, differ in length from 1 
to 10 millimetres, vary widely in colour; and are covered by a soft cuticle. They are characterized 
by a fairly long antenna, two compound eyes and a tail-like protrusion called the cauda, which lies 
above their rectal apertures. They have a pair of cornicles responsible for defense against 
predators or other enemies (Coleman, 2013). Their gut system is compartmentalized, and the 
salivary system is made up of two pairs of glands, the small assessor gland and a larger principal 
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salivary gland. All the tissues of the insect are surrounded by the hemolymph (Coleman, 2013). 
In addition, they have an obligate endosymbiotic relationship with the bacteria Buchnera 
aphidicola that promotes aphid metabolism and provides important amino acids that are available 
in low concentrations in the phloem (Coleman, 2013). 
 
1.4.5 Aphid feeding behavior 
Aphids feed directly from the plant phloem; their sole food source where they ingest sugars, 
nitrogen compounds and other nutrients that are essential for their development and reproduction 
(Bonnemain, 2010). Aphids are well adapted to feed on the phloem of host plants using their 
stylets which are flexible, allowing them to feed on the phloem without causing damage to the 
plant tissue (De Vos and Jander, 2009; Bonnemain, 2010). Moreover, they can suppress the 
plants immediate response to damage of the sieve elements using its complex salivation activity 
enabling them to feed for hours and even days (Bonnemain, 2010). With the aid of the aphids 
obligate endosymbiont, Buchnera aphidicola, aphids can overcome the nitrogen barrier of the 
phloem sap (Bonnemain, 2010). 
 
The most crucial step for virus acquisition, is the feeding process. Aphids can acquire the viral 
particles when it probes the intracellular epidermal or mesophyll cells and then in the later stages, 
when it feeds from the vascular system of its host, the virus can be introduced in superficial and 
deeper tissues (Brault et al. 2010). Aphid feeding is contributory to virus transmission, as it 
provides a direct route for the virus into the plant (Pitino and Hogenhout, 2012). These insects 
are host-specific and can evaluate the nature of the plant tissues when they probe the plant (Chay 
et al. 1996). Aphids determine their ideal host by puncturing several plant cells along the stylet’s 
pathway and at the same time, it samples the cell contents and analyses the physiochemical 
properties of the apoplastic and symplastic microenvironment using the stylet tip (Bonnemain, 
2010). This sap-sampling behaviour also facilitates the transmission of non-persistent viruses 
present in high titers in the epidermal and sub epidermal plant cells (Wosula et al. 2013). After 
examining the cell content, the aphid then rejects or accepts the host and further penetrate the 
epidermis to reach the sieve elements of the phloem, where they feed (Brault et al. 2010). In 
addition, they also have the ability to choose the most appropriate phloem sieve-element in terms 
of transport ability or sap composition (Bonnemain, 2010). 
 
Throughout the feeding process, the aphid produces distinct salivae, each with a different role. A 
watery saliva is secreted discontinuously into the host during feeding and is taken up again along 
with the soluble components of the phloem (Miles, 1999; De Vos and Jander, 2009; Dedryver et 
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al. 2010). This watery saliva has an influence in aphid-host plant compatibility (Elzinga et al. 
2014). The stylet is surrounded by a gelling saliva which provides protection against apoplastic 
defenses, as the aphid probes (Pitino and Hogenhout, 2012; Elzinga et al. 2014). The salivary 
action regulates the extent of damage inflicted on the plant and also determines whether the aphid 
has the potential to attack a particular plant species and cultivar, depending on its ability to counter 
resistance factors in plants (Miles, 1999). Moreover, further investigation of the biochemical 
nature as well as the physiological function of aphid saliva could provide a solution to produce 
aphid resistant or tolerant plants (Miles, 1999). 
 
1.4.6 Aphid life cycle and reproduction 
Unlike most insects, aphids have a complicated life cycle that is divided into different stages. Each 
stage is characterized by three highly specialized morphs (morphological form), i.e. the nymph 
(immature), apterae adults (which colonize, reproduce and live as wingless populations on 
specific crops) and the alate adults (non-colonizing and transient winged species) (Figure 1-6) 
(Foottit et al. 2008; Marava, 2012). These morphs are involved in either reproduction, dispersal 
or survival in unfavourable climatic or nutritional conditions (van Emden and Harrington, 2007). 
Winged aphids are responsible for primary infection and are passively carried by wind over long 
distance, whereas the wingless aphids are responsible for secondary infection spreading the virus 
to adjacent plants within the field (Bonnemain, 2010). In addition, the morph of the aphid species 
also has an influence on the extent of damage the aphid will cause on the plant (van Emden and 
Harrington, 2007).  
 
 
 
Figure 1-6: The three morphological developmental stages of M. persicae, (A) nymphs and the 
wingless apterae and (B) the winged alate adult (Coleman, 2013). 
 
The most interesting trait of aphids is their mode of reproduction, in that they can reproduce both 
sexually and asexually (Bonnemain, 2010). The life cycle of an aphid consists of two major 
phases, i.e. the heteroecious phase which is the host alternating phase and the 
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monoecious/autoecious phase, which refers to the non-host alternating phase (Figure 1-7). These 
two phases are controlled by environmental conditions (van Emden and Harrington, 2007). In 
winter, the heteroecious aphids live on their primary host where they reproduce sexually. In this 
phase, the aphids are holocyclic as they produce both males and sexual females that lay eggs 
after mating. The eggs usually hatch in spring, giving rise to apterae morphs that initiate a new 
population which has the ability to rapidly multiply on the food source under optimum 
environmental conditions and in absence of predators (van Emden and Harrington, 2007; 
Coleman, 2013). These apterae parthenogenetic morphs reproduce at a rate that is 70% higher 
than the winged morphs (van Emden and Harrington, 2007). The aphids will remain on their 
primary host or migrate to a closely related species (van Emden and Harrington, 2007).  
 
In summer, the aphids migrate to an herbaceous secondary host that is not related to the primary 
host plant species, where they mainly reproduce asexually. There are over 40 different plant 
families that serve as secondary hosts for aphids, i.e. species from Brassica, Solanum and Tulipa 
(Marava 2012; Coleman, 2013). In this phase, the aphids are anholocyclic, as they never produce 
eggs (van Emden and Harrington, 2007). Following several parthenogenetic generations, alate 
aphids are produced. In addition, the decrease in host plant quality or the presence of a dense 
population on the host plant induces the production of alate aphids in some species, enabling 
aphids to migrate to other food sources (Coleman, 2013). Moreover, aphids produced on the 
secondary host usually cause severe damages to crops (van Emden and Harrington, 2007). 
 
 
Figure 1-7: A generalized summary of the two-phased life cycle of a host-alternating aphid 
(Aphidinae). Sexual reproduction occurs on a primary host and asexual reproduction occurs on 
an herbaceous secondary host (van Emden and Harrington, 2007). 
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A slight variation is seen in the reproduction of the green peach aphid, when compared to other 
aphid species, such as the pea aphid (Acyrthosiphon pisum). During the sexual reproduction 
phase, M. persicae lays eggs on its primary host (Prunus persica and Prunus nigra), however 
instead of overwintering, they hatch into stem mothers (wingless females that reproduce without 
fertilization) that overwinter on the same host, feeding on the young leaves and buds which can 
sometimes grow into adulthood. Each stem mother can produce between 100 - 200 wingless 
females and the asexual cycle can continue indefinitely without the appearance of the sexual 
morphs under favourable environmental conditions (Marava, 2012; Coleman, 2013). The different 
overwintering strategies that aphids use are advantageous for their spread and survival 
(Margaritopoulos et al. 2002) 
 
Aphids can readily colonize newly emerging crops and annual plants. In favorable environmental 
conditions, their reproduction rate is rapidly increase resulting in them being difficult to control. 
Their ability to rapidly colonize the host plant allows them to modify the plants metabolism in their 
favor, as well as for subsequent generations (van Emden and Harrington, 2007). Moreover, their 
population density generally depends on factors such as temperature and the presence of natural 
enemies (van Emden and Harrington, 2007). Therefore, the knowledge of the life cycle of aphids 
can be used to identify their source and to predict their appearance as well as the incidence of 
aphid transmitted viruses in the field, thus providing essential information that can be used in crop 
protection (Margaritopoulos et al. 2002). 
 
1.5 The transmission of TuYV by aphids 
Since TuYV is confined in the vascular tissue of the plant, it is not mechanically or seed 
transmissible (Mark et al. 2008). However, it is aphid transmitted in a persistent, circulative and 
non-propagative manner (Mark et al. 2008; Lotos et al. 2016; Yvon et al. 2017). Persistent mode 
of transmission refers to viral acquisition that occurs in minutes to hours with the ability of the 
vector to retain it throughout its lifespan, although the virus does not pass through to their progeny. 
Circulative transmission refers to the ability of the viral particles to traverse the cell layers of the 
vector and non-propagative in that viral replication does not occur within the cells of the vector 
(Mark et al. 2008; Ziegler-Graff and Brault, 2008; Brault et al. 2010; Coleman, 2013). This non-
propagative mode exhibits specificity in that no other cell types will acquire the viral particles 
except for the gut and the accessory salivary gland (ASG). Plant viruses belonging to the 
Nanoviridae and Luteoviridae have been reported to use this mechanism of aphid transmission 
(Brault et al. 2010). 
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A complex reaction occurs between the virus and the aphid vector during the process of viral 
acquisition and transmission. The aphid acquires the viral particles from feeding on the phloem 
of an infected plant using its stylet for a minimum of 15 minutes (acquisition access period, AAP). 
From the gut, the virions pass the epithelial cell barrier across the digestive tract into the hemocoel 
from which the epithelial cells of the ASG will take up the virions (Figure 1-8) (Bruyere, 1997). 
The virions move in and out of the epithelial cells of the gut and the ASG through receptor 
mediated endocytosis and exocytosis. These viral particles have no direct contact with aphid 
compounds, except for the membrane components as they are always enclosed within vesicles 
(Brault et al. 2010). The basal lamina and the basal plasmalemma encompassing the ASG cells 
act as selective barriers required for transmission (Brault et al. 2010). In addition, vector specificity 
is also determined by the interaction between the viral capsid and the receptors present in the gut 
(Bruyere, 1997).  
 
After a minimum of 24 hours, referred as the latent period, the aphid acquires the ability to transmit 
the virus to a new host through feeding when the aphid injects the viral particles along with its 
saliva (Mark et al. 2008; Coleman, 2013). However, once the aphid can transmit the virus to a 
new host, the inoculation access period (IAP) decreases to about 10 - 30 minutes, although the 
transmission efficiency increases with increased feeding time (Mark et al. 2008). Furthermore, 
transmission efficiency depends on how long the stylets takes to reach the phloem, the feeding 
period as well as abiotic factors such as temperature and humidity (Mark et al. 2008). 
 
 
Figure 1-8: A schematic diagram depicting the circulative transmission of viral particles and the 
aphid’s internal structures involved. The arrows indicate the circulative pathway whereas HG 
stands for the hindgut, ASG the accessory salivary glands and PSG which is the principal 
salivary gland (Brault et al. 2011). 
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1.5.1 Aphid proteins involved in efficient viral transmission 
During viral transmission, the movement of viral particles are determined by protein interactions 
that occur between viral particles and the aphid proteins. For aphid transmission of TuYV, there 
are two structural proteins involved, i.e. the coat protein (CP) and the read-through domain (RTD) 
protein (Bruyere et al. 1997; Coleman, 2013). These proteins play a crucial role for virus 
internalization in the vector and enabling systematic virus transport in the host plant (Brault et al. 
2010).  The RTD protein has been reported to control virus transmission and also determines the 
transmission specificity for its vector. In addition, it plays a crucial role in transcellular transport of 
the viral particles through the ASG cells but is not involved in intestinal transport (Brault et al. 
2010). However, the CP protein acts as the main viral determinant and controls the internal 
transport of viral particles in aphids (Brault et al. 2010). 
 
Aphids also produce proteins that have the ability to bind to the viral particles, for example, 
symbionin, a protein produced by their endosymbiont (Buchnera aphidicola) which exhibits the 
ability to bind to the minor capsid of TuYV and also provides viral particle protection against 
degradation by the aphid’s immune system (Brault et al. 2010). Thus, symbionin plays a crucial 
role in efficient transmission of the acquired virus but it does not determine aphid transmission 
specificity (Brault et al.  2010). Another protein that has been thought to participate in viral 
transmission is referred to as SaM50, a protein that is found on the ASG which has been shown 
to bind to polerovirus particles, such as those of BWYV and also contributes to the specificity of 
virus transmission (Seddas et al. 2004; Wang et al. 2015). Moreover, the aphid cuticular protein 
has been found in association with viral particles but its role in virus transmission is not known 
(Brault et al.  2010). 
 
Aphids also produce effectors that regulate the host processes to the benefit of their reproduction 
(Pitino and Hogenhout, 2012). The aphid specific protein termed C002, enables aphid 
colonization and facilitates feeding. According to Pitino and Hogenhout (2012), this protein can 
be silenced when M. persicae feeds on transgenic plants expressing a dsRNA that corresponds 
to C002 by plant mediated RNA interference resulting in the reduction of their reproduction and 
survival rate. The expression of protein C002 in plants has been shown to increase the 
reproduction rates of M. persicae (Pitino and Hogenhout, 2012). This protein has also been found 
in the aphid, Acyrthosiphon pisum.  
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Numerous factors, such as the aphid species, clone or biotype and virus strain can influence the 
transmission rate of TuYV. Additionally, a change in abiotic factors including the temperature or 
humidity, can alter aphid behavior during virus acquisition or inoculation and can also influence 
the host plant as a source of the virus or its suitability to become a new virus host (Mark et al. 
2008).  
 
1.5.2 TuYV aphid vectors 
Luteovirids exhibit high transmission specificity and because of this, each viral species is usually 
transmitted by one or two aphid species (Ziegler-Graff and Brault, 2008; Brault et al. 2010). 
Transmission by a certain aphid species can however be shared between numerous luteovirid 
species (Brault et al. 2010). Turnip yellows virus is efficiently transmitted by M. persicae and with 
less efficiency by the potato aphid (Macrosiphum euphorbiae) and the cabbage aphid 
(Brevicoryne brassicae), which have also been reported to transmit nearly 30% of other plant 
virus species (Mark et al. 2008). In addition, 14 other aphids have been reported to transmit TuYV 
(Table 1-2), however, M. persicae is regarded as the main vector with transmission rates of over 
90%. This aphid species is capable of efficiently transmitting over 100 types of viruses, hence it 
is regarded as one of the most important aphid pests in agricultural crops (Stevens et al. 2008; 
Juergens et al. 2010; Coleman, 2013). 
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Table 1-2: Aphid species that have been reported to vector TuYV (Mark et al. 2008). 
Latin name Common name 
Acyrthosiphon pisum (greenrace) Green pea aphid 
Aphis gossypii Cotton aphid 
Aulacorthum circumflexum Lily aphid 
Aulacorthum solani Foxglove aphid 
Brachycorynella asparagi Asparagus aphid 
Brevicoryne brassicae Cabbage aphid 
Cavariella aegopodii Carrot aphid 
Macrosiphoniella sanborni Chrysanthemum aphid 
Macrosiphum albifrons Lupin aphid 
Macrosiphum euphorbiae Potato aphid 
Myzus nicotianae Tobacco aphid 
Myzus persicae Peach-potato aphid 
Nasonovia ribisnigri Currant lettuce aphid 
Pentatrichopus fragaefolii Strawberry aphid 
Rhopalosiphum maidis Corn aphid 
Rhopalosiphum padi Oat aphid 
Sitobion avenae Grain aphid 
 
Myzus persicae has a wide host range and feeds on over 40 different plant families, providing a 
large number of available hosts for TuYV transmission (De Vos and Janer, 2009; Coleman, 2013). 
This aphid species is of significant economic importance as it attacks a variety of ornamental 
plants, legumes, cucurbits, crucifers and solanaceous crops, including potatoes, tomato and 
tobacco, and fruit crops like citrus, plums, and strawberry (Pitino and Hogenhout, 2012). Other 
factors that contribute to the economic impact of M. persicae on crop production globally include 
its wide geographical distribution, methods of plant damage, short life cycle, capability to disperse 
as well as its ability to develop resistance to pesticides (Bass et al. 2014). In addition, it inflicts 
damage to the plant host through direct feeding, transmission of numerous economically 
important plant viruses and the excretion of honeydew (Andorno and Lopez, 2014; Bass et al. 
2014). 
 
The infection incidences of TuYV relies directly on aphid activity, which is known to increase with 
mild autumn and winter temperatures, encouraging virus spread depending on the abundance 
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and movement of both winged and wingless aphids within a field (Stevens et al. 2008; Juergens 
et al. 2010). Significant losses particularly occur in seasons when critical growth stages coincide 
with autumn or spring aphid flights (Schwingehamer et al. 2014). It is also predicted that climate 
change will have a direct effect on aphid activity and will result in TuYV gaining even more 
importance (Juergens et al. 2010).  
 
1.6 Aphid identification methods  
Over the past years, aphids have been intensively researched because of their complex life cycle 
that alternates between sexual and asexual reproduction phases, the fact that they exhibit 
phenotypic plasticity and most importantly, their role as efficient plant virus vectors (Brault et al. 
2010). Considering their economic importance in terms of sustainable crop production, as well as 
nutritional security, the control of these insect pests is of paramount importance. Timely and 
accurate identification of these agricultural pests is therefore essential for the implementation of 
effective pest management strategies as well as for phytosanitary management (Rebijith et al. 
2013; Kinyanjui et al. 2016).  
 
1.6.1 Aphid identification using morphological characteristics 
Traditionally, identification of insects has greatly relied on the morphological characteristics of the 
specimen, as provided by taxonomic studies (Jinbo et al. 2011). However, this method can only 
be used by taxonomists and trained technicians that have acquired the expertise to accurately 
identify taxa (Hebert et al. 2003; Jinbo et al. 2011). Morphological identification of aphid species 
that include more than 4700 different aphid species within the family, poses significant challenge 
and is quite time consuming (Castalanelli et al. 2010; Avila et al. 2014; Kinyanjui et al. 2016). The 
size of aphids and the presence of different morphs with distinct morphological characteristics 
within a single aphid species, provides a major challenge to morphological identification. 
Moreover, due to the environmental and host plant effects, aphids are prone to morphological 
plasticity, further complicating morphological identification. Lastly, distinguishing immature 
aphids, cryptic species and damaged aphids by morphology is complicated due to the absence 
of key morphological characteristics (Castalanelli et al. 2010; Kinyanjui et al. 2016).  
 
Other molecular techniques have been explored to assist in the identification of aphid species 
with the aim to overcome some of the above-mentioned limitations of morphological identification 
(Kinyanjui et al. 2016). One such method includes polymerase chain reaction fragment length 
polymorphism (PCR-RFLP), a method that uses appropriate restriction enzymes to digest PCR 
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amplicons resulting in distinct polymorphic fragments that are visualized as markers for specie 
identification (Kinyanjui et al. 2016). This method has been successfully used to distinguish 
several aphid species in the past (Kinyanjui et al. 2016).  
 
1.6.2 DNA barcoding – aphid identification using the mtCO1 barcode gene  
DNA barcoding is a promising molecular technique that is increasingly used for insect 
identification due to its accuracy in species identification and delineation (Kinyanjui et al. 2016). 
This method relies on the principle that a short common DNA sequence can characterize species 
in multiple taxonomic groups of the animal kingdom (Punja et al. 2007; Kinyanjui et al. 2016). This 
technique involves sequencing a short fragment, the “DNA barcode”, from a taxonomically 
unknown specimen and performing comparisons using a reference library of barcodes of known 
species to provide species level identification (Coeur d’acier et al. 2014). It is a versatile approach 
for species identification and has proven to be an effective standardized approach for the 
characterization of diverse organisms, including insects (Coeur d’acier et al. 2014). 
 
In the animal kingdom, the 5′ end of the mitochondrial cytochrome c oxidase subunit 1 (mtCO1) 
gene has been adopted as a global barcoding gene for insects due to its effectiveness in species 
the identification of economically important pests (Kinyanjui et al. 2016). The mitochondrial DNA 
is more valuable for differentiating closely related species as it evolves quicker and contains more 
variations than the genomic ribosomal gene or its spacer sequence (Punja et al. 2007). In most 
groups, this subunit is about 648 nucleotide base pair long (Punja et al. 2007). 
 
DNA barcoding is advantageous in that it provides reliable molecular identification of species in 
their different life phases and forms, it can distinguish cryptic species as well as the prevalence 
of biotypes (Rebijith et al. 2013). It is also able to assist with the discovery of new aphid species 
(Kinyanjui et al. 2016). Furthermore, the use of mtCO1 sequences as DNA barcodes can be used 
in phylogenetic analysis, at both the species and genus level. This technique enables for the rapid 
acquisition of molecular data (Wang et al. 2009; Jalali et al. 2015). Thus, for effective pest 
management and plant quarantine systems, it is highly beneficial to use DNA barcoding (Kinyanjui 
et al. 2016). 
 
DNA barcoding can also be used to confirm morphologically identified species (Castalanelli et al. 
2010). Non-destructive DNA extraction provides the ability to retain the intact voucher specimen 
(Rowley et al. 2007; Hunter et al. 2008; Porco et al. 2010; Aoyama et al. 2015). The voucher 
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specimen can be useful when case conflicts arise between the morphological identification of the 
specimen and its barcoded sequence. It serves as a reference, which can then be re-examined 
to correct the misidentifications and can lead to the discovery of new species (Porco et al. 2010; 
Aoyama et al. 2015). Thus, DNA barcoding provides a micro-genomic identification system that 
can be employed for the improvement in control, biomonitoring and pest management strategies 
(Coeur d’acier et al. 2014). 
 
1.7 Aphid control strategies  
The infestation of crops with high numbers of aphids renders aphid management challenging, 
therefore control measures targeting aphid populations are crucial to maintain a sustainable 
agricultural industry (Dedryver et al. 2010). Efficient control methods with the ability to prevent 
damage inflicted on plants through direct feeding and reduce the transmission of pathogenic plant 
viruses are required (Van Emden and Harrington, 2007). Thus, the control of aphid vectors is 
aimed at reducing the prevalence of viral diseases in crop fields (Dewar et al. 2011). The main 
control methods available for the management of aphids are listed below. These methods include 
cultural methods, biological control, chemical control, host plant resistance and using all these 
methods in combination has led to the development of integrated pest management, providing a 
powerful level of action for aphid management (Jones, 2004; Dedryver et al. 2010).  
 
1.7.1 Cultural methods 
This method involves manipulating the biotic crop environment with the aim of altering how aphids 
settle and leave the plant and therefore, can reduce the impact of the reproduction and mortality 
of aphids, as well as the extent of damage they inflict on the crop (van Emden and Harrington, 
2007). This can be done mainly through cropping practices such as (i) adapting crop planting 
dates in accordance with decreased aphid activity, (ii) removal of the virus source i.e. infected 
plants and or weeds which can serve as a virus reservoir during the non-crop seasons and can 
provide a source for new virus outbreak resulting in the re-infection of crops further complicating 
disease management and (iii) using virus free planting material (Robert et al. 2000; Brault et al. 
2011). Increasing plant diversity through intercropping i.e. by using trap crops prevents the access 
of the target crops by aphids (van Emden and Harrington, 2007). This method can be used to 
counteract aphid population growth and spread (van Emden and Harrington, 2007).  
 
Mulches and row covering are used to improve yield of horticultural crops. Mulches reduce aphid 
populations by reflecting ultraviolet light which repels aphids from alighting on the crops and row 
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covers are designed to exclude insect pests by covering the surface of the crop plants. The latter 
repels alate (winged) aphids, thereby preventing aphids from probing the plants. However, these 
covers are very expensive and are usually used for a short period of time in the early growth 
stages of the crop (van Emden and Harrington, 2007). 
 
1.7.2 Biological control  
This method relies on the use of beneficial natural enemies against a specific pest with the aim 
of maintaining it at a low density (Tepa-Yotto, 2013). Biological pest control is divided into three 
categories i.e. classical (natural enemies are introduced into an area where they did not previously 
occur), augmentation (mass rearing and releasing a sufficient number of natural enemies that 
already occur in the environment at an optimum time to control the target pest) and conservation 
(enhancing the naturally occurring, wild population of natural enemies through habitant 
management or manipulation of their behavior) (van Emden and Harrington, 2007; Tepa-Yotto, 
2013). 
 
Aphids are attacked by a large variety of natural enemies including pathogenic microorganisms, 
predators and parasitoids (Dedryver et al. 2010). The most common aphid predators are the lady 
beetles (Coelophora inaequalis, Cycloreda sanguine sanguine) and parasitic wasps (Lysiphlebus 
testaceipes, Aphelinus gossypii). Parasitoids are widely used in the biological control of aphid 
populations, as they prey exclusively on aphids, attacking a wide variety of species (van Emden 
and Harrington, 2007). However, biological pest control is not effective in the long term regulation 
of aphid vectors and rarely prevent virus transmission since aphids are actively reproducing and 
often recolonize nearby plants. This technique can decrease a certain proportion of the aphid 
population within a growing season (van Emden and Harrington, 2007; Dedryver et al. 2010).  
 
1.7.3 Chemical control of aphid vectors 
Chemical control of the insect vectors with insecticides is a common and widely used approach 
that is quick and advantageous (Asare-Bediako, 2011). Insecticides are applied either as granules 
or as seed treatments when sowing with the aim of reducing aphid colonization or applied as foliar 
sprays later in the growing season with the aim of reducing resident aphid populations on the 
crops (Brault et al. 2011; Dewar et al. 2011). Insecticides in the form of seed treatments are 
systemic, they move from the treated seed into the developing roots, up to the leaves through the 
xylem and then back to other parts of the plant via the phloem, providing protection to the seedling 
for up to 40 days post emergence (Sekulic and Rempel, 2016).  
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A wide range of chemical compounds, such as organophosphates, carbamate, pyrethroid, 
neonicotinoid-based insecticides and pymetrozine are used as pest control chemicals to fight 
aphid populations (Tepa-Yotto, 2013). Imidacloprid, clothianidin and thiamethoxam are the major 
active compounds of the neonicotinoid class of insecticides which have high efficacy against 
numerous high-priority insect pests and most importantly, are selective for insects over 
vertebrates by targeting the insect nicotinyl receptor which differs from the mammalian receptor 
(Sekulic and Rempel, 2016). Due to their novel systemic mode of action, they can be applied 
directly to seeds, seedlings or the soil at low rates and confer sustained protection to crops in 
their early growth stages (Sekulic and Rempel, 2016). Neonicotinoid insecticides reduce the need 
to use foliar insecticides, which are applied at higher rates, are hazardous to non-target beneficial 
insects of the agroecosystem such as pollinators and parasitoids and cause soil pollution, 
occasionally resulting in the presence of xenobiotics in the crops (Bonnemain, 2010; Sekulic and 
Rempel, 2016). 
 
In the agricultural industry, there are numerous limits to the use of insecticides for aphid 
management (Dedryver et al. 2010). One reason is because they can be too expensive in terms 
of the yield loss avoided. Farmers logically tend to adopt cost effective control strategies, often 
minimizing their own immediate financial risk (Dedryver et al. 2010). In addition, the efficacy of 
the insecticide against aphid transmitted viruses solely depends on the mode of transmission of 
the virus as well as the pattern of virus spread (Dedryver et al. 2010). Neonicotinoids disrupt aphid 
feeding and virus acquisition from the phloem. However, some viruses can be transmitted during 
superficial probing therefore rendering insecticides ineffective, since probing occurs in a short 
period of time, with the first encounter of an aphid with its host i.e. primary infection (Dedryver et 
al. 2010). Although, insecticide use is more efficient if the secondary spread (the spread of the 
virus from an infected to a healthy plant within the same field) dominates (Dedryver et al. 2010). 
Furthermore, insecticides are only effective in preventing spread from infected plants within crops, 
rather than preventing inoculation by viruliferous aphids from outside sources (Robert et al. 2000).  
 
Insecticide resistance is another factor that contributes to the inefficiency of insecticide application 
and its improper uses (Dedryver et al. 2010). The development of resistance is due to intrinsic 
factors such as incorrect chemical formulation, inadequate application, edaphic factors and 
tolerance (van Toor et al. 2008). Consequently, several insecticides have been banned by law 
since 1999 in several countries and the older contact insecticides were of limited use for 
controlling virus spread. Thus, farmers are now lacking efficient treatments. Therefore, the 
knowledge of the viral transmission characteristics that aphid vectors possess, and their 
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epidemiology are crucial for the successful use of insecticides to prevent virus spread in the field 
(Robert et al. 2000). 
 
1.7.4 Breeding plant resistance against TuYV. 
The limitations against the use of insecticides as well as the increase of severe epidemics have 
highlighted the importance for the need of virus-resistant cultivars (Robert et al. 2000). The use 
of transgenic plants is a potential method that can be implemented for virus disease control to 
eliminate the need for the widespread and environmentally deleterious use of insecticides (Brault 
et al. 2011). Breeding is a method that can be used to introduce, enhance or improve the 
resistance to a disease in order to provide long term crop protection (Savary et al. 2012). 
 
This method involves breeding cultivars that are resistant to aphids and or the viruses they 
transmit in the context of maintaining a sustainable agricultural production (Dedryver et al. 2010). 
To solve the problem of virus diseases, it is best to breed for resistance to virus infection. This 
can be done through immunity (non-host resistance) induced resistance as well as cultivar 
resistance. However, there are two major problems in breeding for virus resistance. Firstly, the 
difficulty of finding resistant genes in species with sexual compatibility to the crop species and 
secondly, the durability of the resistance gene i.e. how effective will the resistance gene be under 
prolonged exposure to pathogen (Asare-Bediako, 2011).  
 
For the first time in 1992, resistance against TuYV in resynthesized rapeseed line ‘R54’ was 
identified and reported by Graichen and Peterka (1999). Genetics of TuYV resistance have shown 
that a few genes are involved in resistance inheritance. Furthermore, a single quantitative locus 
(QTL) was identified on chromosome N04 (MS17) of Brassica napus, which explains the 
phenotypic variance of TuYV resistance derived from line ‘R54’ (Asare-Bediako, 2011). In 2011, 
quantitative resistance to TuYV in oilseed rape; complete resistance in some Brassica oleracea 
and Brassica rapa lines were reported by Walsh et al. (2011). Thus, future exploration of such 
germplasm to identify resistance to the South African TuYV-pathosystem will allow for improved 
disease control. 
 
Plant breeding is one of the most effective protection methods, which does not have an additional 
cost or labor for farmers during the growing season (Dedryver et al. 2010).  Moreover, it requires 
no chemical input or plant seclusion and is a safe alternative to both the environment and human 
health. Therefore, the use of resistant crops varieties is advantageous to control agricultural 
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losses (Dedryver et al. 2010). More importantly, it provides long term sustainability of crop 
production and in turn, increase its production rate (Brault et al. 2011). 
 
1.7.5 Integrated pest management (IPM) 
Integrated Pest Management (IPM) is an ecological approach that is implemented to manage 
insect pests with several control methods aimed at the entire pest complex of the crop ecosystem 
(Ahuja et al. 2010). This is a program that considers and consolidates all appropriate pest control 
techniques that are available to depress the development of pests, to minimize the use of 
pesticides and other interventions to economically acceptable levels and to diminish risks 
associated with human health and the environment (Sekulic and Rempel, 2016). Moreover, IPM 
programs provide a sustainable approach to limit the impact of disease by complementing cultural 
practices with seed treatments, biological control methods, and virus or insect resistant varieties 
(Ahuja et al. 2010; Sekulic and Rempel, 2016). Altogether, these methods reduce the of insect 
pest population to ensure a sustainable, high-quality and quantity agricultural production in a safe 
environment (Ahuja et al. 2010). 
1.8 Outline of the thesis 
In South Africa, cabbage crops are cultivated by small scale, subsistence and commercial farmers 
and are considered as a staple food crop, affordable to resource poor populations. Over the last 
seven years, brassica production in South Africa has been threatened by a disease, termed 
Brassica stunting disease (BSD), with high incidences reported on cabbage and broccoli crops, 
reducing yield and crop quality. Since 2012, this disease has been reducing yield and crop quality, 
resulting in the reduction of cabbage farmers in SA due to the considerable economic losses. It 
has been shown that there are a close association between infection by aphid transmitted 
poleroviruses and the presence of BSD symptoms in brassica crops. This research project 
investigated the South African aphid vector/polerovirus/brassica-host pathosystem, to provide 
information that can assist the agricultural industry with the development of effective disease 
management practices. In light of the absence of information regarding the aphid species diversity 
found on brassica crops in South Africa, a three-year survey was conducted to determine the 
identity and abundance of aphid species alighting in various brassica crops in two crop production 
areas (Brits and Groblersdal) (Chapter 2). Aphid species identification was assessed using both 
morphological identification and DNA barcoding using the mitochondrial cytochrome c oxidase 1 
gene. The polerovirus-aphid vector relationship was further investigated by screening all aphid 
species for the presence of poleroviruses to identify aphids that are potential polerovirus vectoring 
species. Two field studies were also carried out to evaluate the efficacy of several commercially 
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available systemic insecticides, with specificity towards phloem-feeding insects, to reduce the 
incidence of BSD by targeting aphids feeding on cabbage crops (Chapter 3). In addition,, the 
identity of the polerovirus species present in BSD infected cabbages within the chemical field 
trials were determined by RT-PCR/RFLP analysis. Lastly, the general discussion of the major 
findings and conclusion of this study are presented in Chapter 4.  
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2.0 MONITORING OF APHID SPECIES DIVERSITY IN BRASSICA CROPS AND 
IDENTIFICATION OF POTENTIAL POLEROVIRUS VECTORS 
CHAPTER 2 
Monitoring of aphid (Hemiptera: Aphididae) species 
diversity in brassica crops and identification of 
potential Polerovirus vectors 
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2.1 Abstract 
Aphids (Hemiptera: Aphididae) are considered economically important pests that threaten 
sustainable agricultural production by continuously attacking crops, resulting in poor quality and 
annual yield reduction. Several aphid species, primarily Myzus persicae, have been reported to 
transmit poleroviruses in a persistent, circulative and non-propagative manner. The aim of this 
study was to determine the diversity of aphid species infesting on brassica crops (cabbage, 
cauliflower, broccoli and purple cabbage) and Swiss chard as a non-brassica crop, to identify 
polerovirus-vectoring aphid species that are responsible for transmitting the BSD in South Africa. 
A three-year (2016 - 2018) field survey was conducted in Brits (Northwest) and Groblersdal 
(Limpopo) to monitor aphid populations alighting on crop fields over a 12 – 14 week period, using 
yellow bucket traps to capture winged aphids. The captured aphids were firstly identified based 
on morphological examination and secondly by DNA barcoding, where a 685-bp region of the 
mitochondrial cytochrome c oxidase subunit 1 gene fragment (mtCO1) from individual aphid 
samples were sequenced and the species identity of each sample was assigned using the Basic 
Local Alignment Search Tool (BLAST) (http://blast.ncbi.nlm.nih.gov/Blast.cgi) and by the Barcode 
of Life Data System (BOLD) (www.barcodinglife.org) databases. Polerovirus specific primers 
targeting the viral coat protein were used for the detection of poleroviruses in collected aphid 
samples, using reverse transcription polymerase chain reaction (RT-PCR). Over the study period, 
a total of 36 aphid species were identified, with Aphis spp. and M. persicae consistently 
dominating across all crops, in all years. Both these aphid species were found to be polerovirus 
positive, in addition to 17 other aphid species, 13 of which are new reports of potential polerovirus 
vectors. DNA barcoding using the mtCO1 gene provided a quick and reliable method for aphid 
identification to species level, thus providing a useful tool to supplement morphological 
identification. 
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2.2 Introduction  
Brassica crops (Family: Brassicaceae) are grown world-wide as vegetables, oilseed, condiments 
and fodder (Ahuja et al. 2010; Augustine et al. 2014). The widely cultivated species include 
broccoli, Brussels sprouts, cabbage, purple cabbage, oilseed rape, turnip, kale and swede (Ahuja 
et al. 2010; Bhatia et al. 2011). These crops are economically valuable due to their nutritional, 
medicinal, bio-industrial, biocontrol and crop rotational properties (Ahuja et al. 2010). In South 
Africa, both small scale and commercial farmers produce about 149 628 tons of cabbages and 
other brassicas annually (National Department of Agriculture, Forestry and Fisheries, 2016). 
However, since the appearance of the Brassica stunting disease (BSD) in Brits (North West 
province) in 2012, brassica production has been negatively affected. This disease is mostly 
prevalent in cabbages and has been reported in all brassica production regions in the country, 
except for the Western Cape (New et al. 2016). 
 
Cabbage plants affected by BSD exhibit a range of symptoms, including flattening and or purpling 
of the leaves, small or no head formation, vascular discoloration in the stem and/or the midrib of 
the leaves, severe stunting and poor root development; resulting in low or no yield, poor crop 
quality and ultimately reducing the market value of the crop (New and Esterhuizen, 2015). In a 
series of field trials conducted in 2014 and 2015 to determine the biotic cause of BSD, it was 
shown that the disease is not seed, soil or water borne, but is transmitted by a flying insect vector. 
To identify the causal agent, next generation sequencing was carried out on infected plant 
material and de novo assembly revealed a partial sequence (5465 nt) with 91% identity (100% 
coverage) to a polerovirus termed Turnip yellows virus (TuYV) (GenBank, Accession No. 
X13063). This newly identified viral isolate was named Turnip yellows virus- SA (TuYV-SA) (New 
et al. 2016). A clear association of poleroviruses with BSD was shown, as it was consistently 
detected by RT-PCR in symptomatic plant material collected across South Africa between 2013 
and 2015. In addition, it was shown that the disease was transmitted by the aphid, Myzus persicae 
(New et al. 2016). Further research into the BSD causal agent revealed a full-length sequence 
(5726 nt) of a different brassica-infecting polerovirus, which was further characterized by the 
construction of an infectious clone in 2017. Comparisons of this sequence to other fully 
sequenced poleroviruses revealed that nucleotide 1 – 4904 was highly similar to TuYV isolates, 
while nucleotides 4905 to the 3’ end was highly similar to Brassica yellows virus (BrYV) isolates 
(Mwaba, pers.comm). In-silico recombination analysis indicated that this viral isolate was most 
likely a recombinant of two isolates of TuYV and BrYV and was therefore termed Cabbage 
stunting virus (CaSV-SA).  
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Viral species of the genus Polerovirus can infect a wide range of hosts and are considered as 
important plant pathogens that cause major yield losses in vegetable and arable crops worldwide 
(Coleman, 2013; Lotos et al. 2016). The two polerovirus species, BrYV and TuYV, are closely 
related plant viruses belonging to the genus Polerovirus (family Luteoviridae) (Zhang et al. 2016). 
Brassica yellows virus is widely distributed in China, South Korea and Japan infecting nine 
cruciferous crops including cabbages, causing yellowing, mottling and leaf roll symptoms (Lim et 
al. 2015; Zhang et al. 2016). Turnip yellows virus is common in oilseed rape crops, but it readily 
infects Brassica oleracea L. hosts, such as cabbage, broccoli, cauliflower, kale, Brussel sprouts, 
turnips and swede and has been reported as far as Europe, USA, Germany and Australia 
(Stevens et al. 2008; Schwingehamer et al. 2014). It is reportedly capable of infecting lettuce, 
beans and many weed species (Schwingehamer et al. 2014). Polerovirus-infected plants are 
associated with leaf roll, leaf discoloration, interveinal yellowing and stunting symptoms (Lotos et 
al. 2016). Recently, new polerovirus species have been identified infecting cotton, cucurbits, 
Sauropus and strawberries in various regions of the world (Lotos et al. 2016). As such, the 
Polerovirus genus is considered as economically important plant pathogens of vegetable crops 
worldwide (Schwingehamer et al. 2014). 
 
Generally, poleroviruses consist of a single stranded positive-sense genomic RNA, that is 
covalently linked to a viral protein genome linked (VPg) at the 5 ′ end, lacking a poly (A) tail at the 
3′ end (Lim et al. 2015). The genomic RNA is approximately 5.6 to 6.2 kb and is encapsidated in 
spherical viral particles (Lim et al. 2015; Fiallo-Olivé et al. 2018). Poleroviruses are phloem limited 
and exclusively transmitted by aphids (Insecta: Hemiptera: Aphididae) in a circulative, persistent 
and non-propagative manner (Chomic et al. 2010; Boissinot et al. 2017). Aphids are the most 
prevalent vectors of plant viruses and are considered as major pests of great concern to the 
growth and productivity of brassica crops (Bhatia et al. 2011; Rain et al. 2016). More than 4700 
aphid species exist, of which about 250 aphid species are considered as serious pests in 
agriculture and forestry, causing up to 80% yield losses on crops cultivated in temperate regions 
globally (Harrington et al. 2007; Bhatia et al. 2011; Kinyanjui et al. 2016; Nalam et al. 2018). Most 
aphid species are polyphagous, whilst a few species are host specific and feed only on one or a 
few plant genera or species (Sæthre et al. 2011). Myzus persicae, the peach-potato or green-
peach aphid, is regarded as the main vector of poleroviruses with transmission rates of over 90% 
(Stevens et al. 2008). This aphid species feeds on over 40 different plant families and is capable 
of efficiently transmitting over 100 different types of viruses, hence it is regarded as the one of the 
most important aphid pests in agricultural crops (Stevens et al. 2008; Coleman, 2013). 
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Aphids spread viruses rapidly within fields and also non-directionally across wider areas through 
wind, air turbulence, convection currents and rapidly by jet streams (Capinera, 2001; Radcliffe 
and Ragsdale, 2002; Chomic et al. 2010). It has been shown that the monitoring of aphid flight 
activity can assist in determining the risk of aphid transmitted viruses into fields and give an 
indication of virus spread. The monitoring data indicates the onset of aphid flights in a season and 
this information can be used to assist with the correct timing of control measures, such as 
insecticide sprays (Krüger, 2015). Aphid flight activity has been successfully monitored using 
suction traps and horizontal traps, i.e. yellow and green pan traps, tile and flat sticky traps to 
capture aphids for identification (Wosula et al. 2013; Schröder and Krüger et al. 2014). These 
methods evaluate the species composition and abundance of both colonizing and non-colonizing 
winged aphids in the landing phase, providing a general measure of the risk of virus infection 
(Schröder and Krüger et al. 2014; Van Toor et al. 2016). Water pan traps placed within the crop 
field provides a more informative indication of the species landing on the crop, although the color 
of the pan trap has an influence on the aphid species captured (Kilalo et al, 2013). Furthermore, 
the species composition and estimation of aphid abundance can also be assessed directly on the 
crop plants through leaf counts, as well as sweep-netting (Schröder and Krüger et al. 2014). 
 
Considering their economic importance, reliable identification of aphid species is crucial for the 
development of targeted and effective methods for pest control (Foottit et al. 2008; Kinyanjui et 
al. 2016). Traditionally, insect identification methods relied on the morphological examination of 
specimens. This approach is very time consuming and requires the subjective judgment of a 
highly trained specialist for differentiating subtle anatomical differences between closely related 
species (Herbert et al. 2003).These limitations can be overcome through DNA barcoding, a 
technique that relies on the sequencing a 658-bp fragment of the mitochondrial cytochrome c 
oxidase 1 (mtCO1) gene, which forms the primary barcode sequence for the members of the 
animal kingdom and has proved to be an effective standardized approach for the characterization 
of diverse organisms, including insects (Ratnasingham and Hebert, 2007; Wang and Qiao, 2009; 
Coeur d’acier et al. 2014).The mtCO1 gene has been used successfully for the identification of 
aphid species in a number of different studies (Foottit et al. 2008; Wang and Qiao, 2009; Jinbo et 
al. 2011; Shufran and Puterka 2011; Pelletier et al. 2012; Coeur d’acier et al. 2014).   
 
In South Africa, studies on the diversity of aphid species feeding on brassica crops and vectoring 
poleroviruses, are limited. The aim of this study was therefore to monitor and identify the most 
abundant aphid species present in brassica crops in Brits, using both morphological and 
molecular (DNA barcoding) identification techniques for accurate species identification. The virus-
vector association was also assessed by RT-PCR, in order to identify potential polerovirus 
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vectors. The results of this study will provide the agricultural industry with information required for 
the implementation of knowledge-based, integrated disease (BSD) and pest (aphid) management 
practices. 
 
2.3 Materials and Methods 
2.3.1 Aphid collection 
Over a three-year period, an open-field survey was conducted at two commercial farms, Modelpak 
in Brits (North West province) in 2016 - 2018 and McCain Food in Groblersdal (Limpopo province) 
in 2016 - 2017. During the summer/autumn growing season, aphid populations were monitored 
in four brassica crops, i.e. cabbage (Brassica oleracea var. capitata), broccoli (Brassica oleracea 
var. italica), cauliflower (Brassica oleracea var. botrytis), purple cabbage (Brassica oleracea var. 
capitata f.rubra) and lastly, on Swiss chard (Beta vulgaris), as a non-brassica crop. Yellow bucket 
water-traps were randomly placed in each crop field to attract and capture winged aphid 
populations. In 2016, seven bucket traps were placed only in the cabbage field, whereas in 2017 
and 2018, ten and nine bucket traps were distributed among the cabbage, broccoli, cauliflower, 
purple cabbage and Swiss chard fields respectively. The traps were half-filled with tap water and 
a drop of sunlight dishwashing liquid (Unilever South Africa (Pty) Ltd) was added to weaken the 
surface tension. The yellow bucket traps contained two outlets which were covered by a gauze to 
prevent the bucket from overflowing and the trapped aphids from draining out in case of heavy 
rain or and irrigation. The height of the traps were continuously adjusted to canopy height in order 
to maintain attraction of winged aphids rather than nymphs. For the duration of each crop season, 
the buckets were emptied on a weekly basis by straining the trapped insects through a sieve 
containing gauze-like material, which was then placed in a sample bottle containing 99% ethanol 
(Sigma-Aldrich, Germany) to preserve the aphids. The collected insects were transported to the 
Department of Zoology and Entomology at the University of Pretoria for sorting and morphological 
identification of the aphid species. The raw data tables for each crop are provided as 
supplementary data (Appendix A). 
 
2.3.2 Morphological identification of aphid species (Morphological ID) 
Briefly; aphids were placed in a Petri dish containing 99% ethanol and then examined using the 
Olympus SZ61 light microscope with a 2 X converter. Aphid identification was carried out by using 
entomological keys based on morphological characteristics as described by Miller (1990) and 
Blackman and Eastop (2006). These morphological features include the length of the antennae, 
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the development and the position of the antennal tubercles, length of the cornicles, shape and 
length of the siphunculi, size and shape of caudal hairs as well as the pigment of the dorsal 
abdominal setae (Janine Snyman, pers.comm).  
 
2.3.3 DNA barcoding of individual aphid species (Barcode ID) 
2.3.3.1 Non-destructive genomic DNA extraction 
To complement morphological identification, DNA barcoding was carried out. Genomic DNA was 
extracted from a single aphid per morphologically identified species, using the Allprep DNA/RNA 
Mini kit (Qiagen®, Germany) according to the instructions provided by the manufacturer, with 
modification. One aphid per species was placed in a sterile 0.5 mL PCR tube into which 180 µl of 
the RTL-plus buffer (from the above-mentioned kit) was added and 20 µl of 20 mg/ml proteinase 
K (Bioline, USA) were added. The samples were then incubated at 55 °C overnight to allow for 
tissue digestion. Thereafter, each aphid sample was removed and placed into a new Eppendorf 
tube containing 99% ethanol (Sigma-Aldrich, USA) to preserve it as a voucher specimen. The 
tissue lysate was then used to further extract DNA by following the protocol set out in the Allprep 
DNA/RNA Mini kit. The isolated DNA was then analyzed for concentration and purity by means 
of the NanoDrop® ND-1000 spectrophotometer (Thermo Fisher Scientific, USA). 
 
2.3.3.2 Amplification of the mtCO1 gene from individual aphid samples 
Using the extracted DNA as a template, the targeted 685-bp fragment of mtCO1 was amplified 
via PCR using the universal primer LCO1490 (5'GGTCAACAAATCATAAAGATATTGG3') and a 
degenerate reverse primer HCO2198-puc (5'TAAACTTCWGGRTGWCCAAARAATC3') (Coeur 
d’acier et al. 2014). PCR was performed using the Phusion Hot Start II High-Fidelity DNA 
Polymerase (Thermo Fisher Scientific, USA), according to manufacturer’s protocol. The PCR 
reactions were carried out in a MasterCycler (Eppendorf, Germany) and the cycling conditions 
were as follows: initial denaturation at 98 °C for 30 sec, followed by 30 cycles of (i) denaturation 
at 98 °C for 10 sec; (ii) annealing at 55 °C for 30 sec; (iii) extension at 72 °C for 30 sec with a final 
elongation at 72 °C for 10 min. The 685-bp amplicons were subjected to gel electrophoresis on a 
1% agarose (Sigma-Aldrich, USA) gel stained with ethidium bromide (10 mg/ml) (Thermo Fisher 
Scientific, USA) and sized against the O’GeneRuler 1 kb Plus Ladder (0.1 µg/µl) (Thermo Fisher 
Scientific, USA). The gel was run for 40 minutes at 110 Volts and 180 mA using a Bio-Rad gel 
electrophoresis system (Bio-Rad, USA) and then visualized and recorded using the ChemiDocTM 
MP Imaging System (Bio-Rad, USA). 
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2.3.3.3 Sanger sequencing and data analysis 
The unpurified mtCO1 amplicons were submitted for DNA Sanger sequencing at Inqaba 
Biotechnical industries (Pty) Ltd (South Africa). The mtCO1 gene sequencing was conducted in 
both the forward and reverse direction using primer LCO1490 and HCO2198-puc. The sequence 
data were analyzed using Chromas version 2.6 (www.technelysium.com.au/chromas.html) to 
evaluate the quality of the sequence chromatograms. Thereafter, the raw sequence data of each 
aphid sample was imported (in a paired format) to the CLC Genomics Workbench version 10 
(CLC bio, QIAGEN®; Germany) software, to manually correct any errors within the sequences 
and generate a consensus sequence. Using the generated consensus sequence, the aphid’s 
putative species for each sample were initially assigned by homology determination using the 
National Centre for Biotechnology Information (NCBI) Basic Local Alignment Search Tool 
(BLAST) (http://blast.ncbi.nlm.nih.gov/Blast.cgi) and by the Barcode of Life Data System (BOLD) 
(www.barcodinglife.org) databases. The percentage similarities and GenBank accession 
numbers were also recorded. 
 
2.3.4 Polerovirus detection in aphids 
2.3.4.1 Total RNA isolation from whole aphids  
Single aphids were randomly selected from the 12 - 14 weeks of collection and 2 to 5 aphids per 
species were pooled together for RNA isolation and polerovirus detection. Depending on the 
number of aphids collected for each species, duplicate or triplicate pooled samples were analyzed 
for the different aphid species. The samples were also pooled together, per crop field. For each 
pooled sample, liquid nitrogen was used and the aphids were crushed in an Eppendorf tube using 
a glass rod. Thereafter, the total RNA was extracted using the Quick-RNATM MiniPrep kit (Zymo 
research, USA) according to manufacturer’s instructions. The RNA concentration (ng/µl) and 
purity was determined by means of UV spectroscopy using the NanoDrop® ND-1000 
spectrophotometer (Thermo Fisher Scientific, USA). 
 
2.3.4.2 Amplification of the viral coat protein (CP) gene for polerovirus detection 
Virus screening was conducted on all of the RNA samples by performing a reverse transcription 
polymerase chain reaction (RT-PCR) using the OneStep Ahead RT-PCR kit (Qiagen®, Germany) 
according to manufacturer’s instructions. The polerovirus specific coat protein (CP) primers: CP 
forward (5'ATGAATACGGTCGTGGGTAGGAG3') and CP reverse 
(5'CCAGCTATCGATGAAGAACCATTG3') (Chomic et al. 2010) were used for virus detection. 
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Water was used for the non-template control, whilst RNA from previously tested infected aphids 
was used as a positive control. All amplifications were carried out in the Mastercycler and the 
thermal cycler conditions were as follows: reverse transcription step at 50 °C for 20 min; initial 
PCR activation step at 95 °C for 10 min followed by 40 cycles of (i) denaturation at 95 °C for 1 
min; (ii) annealing at 55 °C for 1 min; (iii) extension at 72 °C for 1 min thereafter a final extension 
at 72 °C for 10 min. An amplification product of 563-bp was expected. Successful amplification 
was assessed on a 1% agarose gel (Sigma-Aldrich, USA) pre-stained with 10 mg/ml ethidium 
bromide and visualized under ultraviolet light using the ChemiDocTM MP Imaging System (Bio-
Rad, USA), the gel was run at 110 Volts and 180 mA for 40 min.  
 
2.4 Results  
2.4.1 Aphid population diversity in brassica fields 
Aphids were collected using yellow bucket traps over the three-year monitoring period at Brits 
(2016 – 2018) and Groblersdal (2016 - 2017). In Brits, a total of 14 998 winged aphids and 638 
nymphs were captured in the yellow bucket traps during the brassica and Swiss chard crop growth 
season between 2016 and 2018 (Table 2-1). Morphological identification of the collected winged 
aphids revealed that 33 different aphid taxa were represented in collected aphids (Table 2-1). Of 
the 33 taxa, members of the Aphis spp., Dysaphis spp., Hyperomyzus spp., Pemphigus spp. and 
Sitobion spp., could only be morphologically identified to a genus level, whilst the rest of the 
identified taxa were identified to species level (Table 2-1). Some of the collected aphid samples 
could not be morphologically characterized using entomological keys and were therefore referred 
to as unknown. Analysis of the total number of aphid species per yellow bucket trap collected over 
the 3-year period, revealed that two aphid species, those from the Aphis genus, as well as M. 
persicae, were the most predominant aphid species, with varying percentages of abundance 
(Table 2-1). 
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A fluctuation in the total aphid numbers was observed in each year, with 2018 having the highest 
total number of aphids captured (8590), and 2017 the lowest number (2255 aphids) (Table 2-1). 
Of the 33-species collected in Brits, Aphis spp.; M. persicae; R. maidis; R. padi; R. 
Table 2-1: Total percentage of winged aphids for each species captured  per yellow bucket trap 
in Brits during the growth season of brassica and Swiss chard crops in 2016 - 2018.  
Aphid species 
Number (%) 
2016 2017 2018 
Acyrthosiphon kondoi 2.53 0.22 2.15 
Acyrthosiphon pisum 0.26 0.18 0.05 
Aphis spp. 5.68 34.90 50.06 
Brevicoryne brassicae 0.00 0.00 0.01 
Capitophorus elaeagni 0.05 0.00 0.06 
Capitophorus hippophaes 0.07 0.27 0.01 
Chaitophorus populialbae 0.02 0.00 0.00 
Dysaphis spp. 0.65 0.27 0.12 
Geoica lucifuga 0.24 1.02 0.06 
Hyadaphis coriandri 0.05 0.00 0.00 
Hyalopterus pruni 0.05 0.13 0.02 
Hyperomyzus spp. 0.39 1.46 0.27 
Hysteroneura setariae 0.19 0.35 1.65 
Lipaphis pseudobrassicae 1.40 5.85 0.69 
Macrosiphoniella sanborni 0.00 0.04 0.01 
Melanaphis sacchari 1.11 0.40 0.01 
Metopolophium dirhodum 0.05 0.04 0.09 
Myzus persicae 63.54 12.77 22.85 
Pantalonia nigranervosa 0.05 0.00 0.03 
Pemphigus spp. 0.02 0.13 0.07 
Rhopalosiphum maidis 1.88 13.75 6.12 
Rhopalosiphum nymphaeae 0.00 0.04 0.03 
Rhopalosiphum padi 6.67 8.43 12.13 
Rhopalosiphum rufiabdominalis 0.55 9.89 2.31 
Saltusaphis scirpus 0.22 0.35 0.12 
Schizaphis graminum 0.00 0.00 0.01 
Sipha flava 0.12 0.44 0.02 
Sitobion spp. 0.34 0.18 0.07 
Smynthurodes betae 0.00 0.00 0.10 
Tetraneura fusiformis 0.17 4.79 0.44 
Therioaphis trifolii 0.17 0.49 0.41 
Uroleucon sonchi 0.00 0.13 0.00 
Unknown 0.00 0.04 0.01 
Nymphs 13.51 3.41 0.00 
Total number of aphids caught  4153 2255 8590 
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rufiabdominalis; and L. pseudobrassicae were the most predominant species, varying in 
percentage composition during the three-year monitoring period. In 2016, M. persicae, R. padi, 
Aphis spp., A. kondoi and L. pseudobrassicae constituted 79.8% of the total aphids collected, with 
M. persicae constituting 63.5%. Because of the placement of the bucket traps among the plants 
in the field, a large number of aphid nymphs were able to crawl into the yellow bucket traps in 
2016 and 2017 and was also counted. In 2017, six aphid species (Aphis spp., R. maidis, M. 
persicae, R. rufiabdominalis, R. padi and L. pseudobrassicae) made up 85.6% of the total aphids 
captured, with Aphis spp. making up 34.9%. In 2018, Aphis spp., M. persicae, R. padi, R. maidis 
and R. rufiabdominalis were the five-aphid species in highest abundance, accounting for 93.5% 
of the total aphids captured, with Aphis spp. constituting half (50.1%) of the total aphids captured.  
 
In Groblersdal, aphid samples were also collected using yellow bucket traps placed in one 
brassica production field (cabbage broccoli; cauliflower; purple cabbage), between 2016 and 
2017. The total number of aphid species collected per bucket trap and identified by morphological 
examination, are represented as percentages of the total number of aphids per bucket trap, 
collected for each year (Table 2-2). In Groblersdal, only 442 aphids were collected in the yellow 
bucket traps over the two-year period, comprising 21 morphologically different aphid taxa, 5 
aphids identified to genus level and 16 aphids to species level (Table 2-2). When comparing the 
aphid taxa identified in Brits and Groblersdal, one genus, Cinara spp. and two aphid species, 
Schoutedenia lutea and Uroleucon sonchi were unique to this region (Table 2-2). In both years, 
the most predominant species were Aphis spp., M. persicae and R. maidis, with a total 
composition of 28.1%, 24.1% and 14.3% for 2016 and 42.7%, 27.1% and 13.8% for 2017, 
respectively. Moreover, Cinara spp., R. nymphaeae and S. lutea were the least collected species, 
comprising only 0.4% of the total number of aphids collected in 2016. Eight of the aphid species 
collected in 2016 were not captured in 2017, including the genus Cinara spp. However, no notable 
difference was observed on the total number of aphids collected. 
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 Table 2-2: Total percentage of winged aphids for each species captured per yellow bucket 
trap in Groblersdal, during the growing season of brassica crops in 2016 - 2017.   
Aphid specie 
Number (%) 
2016 2017 
Aphis spp. 28.13 42.66 
Capitophorus hippophaes 4.91 0.46 
Cinara spp. 0.45 0.00 
Dysaphis spp.  1.79 0.46 
Geoica lucifuga 0.00 2.29 
Hyadaphis coriandri 1.79 0.00 
Hyalopterus pruni 2.68 1.38 
Hyperomyzus spp. 4.91 0.00 
Lipaphis pseudobrassicae 1.79 1.83 
Melanaphis sacchari 1.34 4.13 
Metopolophium dirhodum 1.34 0.00 
Myzus persicae 24.11 27.06 
Rhopalosiphum maidis 14.29 13.76 
Rhopalosiphum nymphaeae 0.45 0.00 
Rhopalosiphum padi 1.79 0.00 
Rhopalosiphum rufiabdominalis 0.00 0.92 
Schoutedenia lutea 0.45 0.00 
Sitobion spp. 0.89 0.00 
Tetraneura fusiformis 4.46 2.75 
Therioaphis trifolii 0.89 1.83 
Uroleucon sonchi 3.57 0.46 
Total  224 218 
 
The composition of the captured aphid species was similar in both regions, with M. persicae and 
Aphis spp. being the most frequently occurring aphids (Table 2-1 and Table 2-2), however, the 
aphid species diversity was higher in Brits (North West) than in Groblersdal (Limpopo). Altogether, 
a total number of 15 440 aphids, consisting 36 aphid taxa identified in both regions with variation 
in the total number collected each year for each species/genus, thus indicating the difference in 
flight activity of these aphids. In addition to the spectrum of aphid species collected, other insects 
such as bees, butterflies etc. were also attracted to the yellow traps (data not shown). These 
insects were collected and stored, but not identified or counted. 
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2.4.2 DNA barcoding  
In this study, DNA barcoding served as an alternative method for aphid identification, allowing for 
species level identification of aphid taxa that are difficult to identify by morphological means. All 
morphologically identified species were barcoded (Table 2-3, Table 2-4 and Table 2-5). For most 
species, a single aphid sample per morphologically identified aphid were barcoded except for 
species where there were discrepancies between the identification methods (as indicated in Table 
2-3, Table 2-4 and Table 2-5) and for those, DNA barcoding was carried out on three different 
aphid samples of the same species individually. Following the amplification of the DNA template 
from each species, the mtCO1 amplicons were analyzed using agarose gel electrophoresis 
(Figure 2-1). In all aphid species, a 658-bp mtCO1 amplicon was observed, containing no double 
bands thus indicating the specificity of the universal primers to the mitochondrial DNA. All Sanger 
sequences obtained were analyzed and submitted to BLAST and BOLD for the identification of 
the putative aphid species. The obtained similarity percentages ranged from 92% - 100% and the 
accession numbers for each sequence are listed in Table 2-3, Table 2-4 and Table 2-5. 
 
In 2016, 26 species were captured in Brits and 21 species in Groblersdal. However, 17 species 
were common in both regions, therefore only the four species that were unique to Groblersdal i.e. 
Cinara spp., R. nymphaeae, S. lutea and U. sonchi, were subjected to barcoding (Table 2-3). In 
total, 30 aphid species were morphologically identified in 2016, with five species identified only to 
the genus level (Aphis spp., Dysaphis spp., Cinara spp., Hyperomyzus spp. and Sitobion spp.) 
and 25 species to both the genus and species level. Of the 30 species, only 20 species were 
successfully barcoded in 2016. For 15 of these species, the morphological ID correlated with the 
BLAST or BOLD species identification and the morphological ID of Sitobion spp., Pemphigus 
spp., C. elaeagni, A. pisum and H. setariae did not match the barcoded ID. In addition, for the five 
species identified only to the genus level by morphology, the barcode ID was able to provide a 
species level identification for all i.e. Aphis spiraecola, Dysaphis foeniculus, Cinira pinivora, 
Hyperomyzus carduellinus and Uroleucon sonchi (Table 2-3). 
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Figure 2-1: A representative agarose gel of the 658-bp mtCO1 amplicons obtained from 
individual aphid species, using the universal primer LCO1490 and the degenerate reverse primer 
HCO2198-puc. Lane M, O’GeneRuler 1kb Plus Ladder; lane NTC for the non-template control, 
lane +, positive control; lane 1, M. persicae; lanes 2 - 6, Aphis spp.; lane 7, A. kondoi; lane 8, A. 
pisum; lane 9, C. hippophaes; lane 10, Dysaphis spp.; lane 11, G. lucifuga; lane 12, H. pruni; 
lane 13, Hyperomyzus spp.; lane 14, H. setariae; lane 15, M. sacchari; lane 16, L. 
pseudobrassicae; lane 17, M. dirhodum;  lane 18, Pemphigus spp.; lane 19, R. padi; lane 20, R. 
maidis; lane 21, R. nymphaea; lane 22, R. rufiabdominalis; lane 23, S. scirpus; lane 24, S. flava; 
lane 25, Stibion spp.; lane 26, T. fusiformis; lane 2, T. trifolii; lane 28, Unknown 2017; lane 29, 
U. sonchi. 
 
 
In 2017, similar species were collected in both Brits and Groblersdal therefore, only the species 
from Brits were barcoded. The total number of taxa identified in this region was 26, five that were 
morphologically identified to genus level and 21 to species level (Table 2-4). All the captured 
species were barcoded successfully in 2017 and this identification matched the morphological 
identity for 23 species. The morphological ID of G. lucifuga, Pemphigus spp. S. scirpus did not 
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match the barcoded ID. Of the ten barcoded samples from the genus Aphis spp., six were 
identified as A. craccivora and the other four samples as A. spiraecola, A. odinae, A. oenotherae 
and A. gossypii, indicating the diversity of Aphis species occurring in brassica crops. In addition, 
two aphids were morphological identified as Macrosiphoniella sanborni and Tertraneura 
fusiformis, however the barcode ID revealed that these two aphids belong to the same genus as 
the morphological ID, but differed at the species level of identification, Macrosiphoniella 
yomogicola and Tertraneura nigriabdominalis respectively (Table 2-4). Moreover, the 
morphologically unidentified, unknown aphid species collected in Brits in 2017 was barcoded to 
be Myzus hemerocallis. 
 
In 2018, all the morphologically identified aphid species from Brits were again successfully 
barcoded (Table 2-5).  A total of 30 aphid taxa were identified, with three additional species, which 
were not recorded in previous years of the study in Brits. These species were Brevicoryne 
brassicae; Schizaphis graminum and Smythurodes betae which were found in low abundance as 
they accounted for ≤0.1% of the total number of aphids collected. Of the 30 aphid taxa identified, 
5 were morphologically identified to the genus level, whereas the remaining 25 species were 
identified to species level (Table 2-5). The species identity was obtained through DNA barcoding 
for all the aphids that were morphologically identified to the genus level (Table 2-5). However, the 
morphological identification of M. dirhodum, S. scirpus and Pemphigus spp. was not in agreement 
to the Barcode ID. Furthermore, DNA barcoding successfully identified the single aphid sample 
that was morphologically characterized as unknown in 2018 as Aulacorthum pterinigrum, although 
a relatively low nucleotide similarity percentage i.e. 93%, was obtained.  
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Table 2-3: Identification of aphid taxa alighting on brassica crops in Brits and Groblersdal for the year 2016.The aphids were identified by morphology (Morphological 
ID) and this identification was then correlated using DNA barcoding (Barcode ID), using the mtCO1 gene and homology searches using the Basic Local Alignment 
Search Tool (BLAST) and by the Barcode of Life Data System (BOLD) (www.barcodinglife.org) databases. The closest match for each barcode are indicated by 
percentage similarities and the GenBank accession numbers of the match recorded. 
Morphological ID 
Barcode ID 
BOLD BLAST 
 Species 
Similarity 
(%) 
Species 
Similarity 
(%) 
Accession 
number 
Acyrthosiphon kondoi Acyrthosiphon kondoi 100 Acyrthosiphon kondoi 100 GU978860.1 
Acythorsiphon pisum 3 Hyalpterus pruni 99.69 Hyalpterus pruni 99 KP759546.1 
Aphis spp. Aphis spiraecola 100 Aphis spiraecola 100 AB506735.1 
Capitophorus elaeagni 3 Capitophorus hippophaes 98 Capitophorus spp. 98 KR566491.1 
Capitophorus hippophaes Capitophorus hippophaes 100 Capitophorus hippophaes 98 EU701551.1 
Chaitophorus populialbae Chaitophorus populialbae 100 Chaitophorus populialbae 97 KF639303.1 
Cinara spp.1 Cinira pinivora 100 Cinira pinivora 99  KF649501.1 
Dysaphis spp. Dysaphis foeniculus 100 Dysaphis foeniculus 100 KF639362.1 
Geoica lucifuga2 - - - - -  
Hyadaphis corianderi Hyadaphis corianderi 100 Hyadaphis corianderi 100 HQ632650.1 
Hyalpterus pruni2 - - - - -  
Hyperomyzus spp. Hyperomyzus carduellinus 100 Hyperomyzus carduellinus 99 JX051437.1 
Hysteroneura setariae 3 Lipaphis psuedobrassicae 100 Lipaphis psuedobrassicae 100 KR085147.1 
Lipaphis pseudobrassicae Lipaphis pseudobrassicae 100 Lipaphis pseudobrassicae 100 KR085158.1 
Melanaphis sacchari2 - - - - -  
Metopolorium dirhodum2 - - - - -  
Myzus persicae Myzus persicae 100 Myzus persicae 100 KU236024.1 
Pemphigus spp. 3 Macrosiphum pseudoconyli 93 Greenidea lutea 92 JQ926050.1 
Pentalonia nigranevosa - - - - -  
Rhopalosiphum maidis Rhopalosiphum maidis 100 Rhopalosiphum maidis 100 EU701890.1 
Rhopalosiphum nymphaeae 1 Rhopalosiphum nymphaeae 100 Rhopalosiphum nymphaeae 100 MF123442.1 
Rhopalosiphum padi Rhopalosiphum padi 100 Rhopalosiphum padi 100 KY847343.1 
Rhopalosiphum rufiabdominalis 2 - - - - - 
Saltusaphis scirpus - - - - -  
Schoutedenia lutea 1 - - - - -  
Sipha flava Sipha flava 100 Sipha flava 100 KR032698.1 
Sitobion spp. 3 Uroleucon sonchi 100 Uroleucon sonchi 100 JX051434.1 
Tetraneura fusiformis 2 - - - - -  
Therioaphis trifolii Therioaphis trifolii 100 Therioaphis trifolii 100 KY831585.1 
Uroleucon sonchi 1, 2  - - - - -  
1 Species unique to Groblersdal. 
2 Non-barcoded aphid species. 
3 Aphids where Barcode ID did not match morphological identification. 
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Table 2-4: Identification of aphid taxa alighting on brassica crops in Brits for the year 2017. The aphids were identified by morphology (Morphological ID) and 
this identification was then correlated using DNA barcoding (Barcode ID), using the mtCO1 gene and homology searches using BLAST and by BOLD 
(www.barcodinglife.org) databases. 
Morphological ID 
Barcode ID 
BOLD BLAST 
 Species 
Similarity 
(%) 
Species 
Similarity 
(%) 
Accession 
number 
Acyrthosiphon kondoi Acyrthosiphon kondoi 99.32 Acyrthosiphon kondoi 96 GU978860.1 
Acyrthosiphon pisum Acyrthosiphon pisum 99.84 Acyrthosiphon pisum 99 AB506720.1 
Aphis spp. Aphis spiraecola 100 Aphis spiraecola 100 AB506735.1 
Aphis spp. Aphis craccivora 100 Aphis craccivora 99 KX447141.1 
Aphis spp. Aphis gossypii 100 Aphis gossypii 100 KY679463.1 
Aphis spp. Aphis oenotherae  100 Aphis oenotherae  100 KR043103.1 
Aphis  spp. Aphis odinae  99.66 Aphis odinae  99 AB506745.1 
Capitophorus hippophaes Capitophorus hippophaes 97.73 Capitophorus hippophaes 97 EU701551.1 
Dysaphis spp. Dysaphis foeniculus 100 Dysaphis foeniculus 100 KF639362.1 
Geoica lucifuga1 Smynthurodes betae  97.28 Smynthurodes betae  97 AY227078.1 
Hyalopterus pruni Hyalopterus pruni 99.84 Hyalopterus pruni 99 JX844358.1 
Hyperomyzus spp. Hyperomyzus lactucae 99.83 Hyperomyzus lactucae 99 KY837406.1 
Hysteroneura setariae  Hysteroneura setariae  100 Hysteroneura setariae  100 JX051432.1 
Lipaphis psuedobrassciae Lipaphis pseudobrassicae 100 Lipaphis pseudobrassicae 100 KR085157.1 
Macrosiphoniella sanborni Macrosiphoniella yomogicola 96.97 Macrosiphoniella yomogicola 92 KJ502203.1 
Melanaphis sacchari  Melanaphis sacchari 100 Melanaphis sacchari 99 MG838304.1 
Metopolophium dirhodum Metopolophium dirhodum 100 Metopolophium dirhodum 99 MF154263.1 
Myzus persicae Myzus persicae 100 Myzus persicae 100 KU296067.1 
Pemphigus spp.1 Macrosephum pseudocoryli 93.3 Greenidea lutea 92 JQ926050.1 
Rhopalosiphum maidis Rhopalosiphum maidis 100 Rhopalosiphum maidis 100 EU701890.1 
Rhopalosiphum nymphaeae  Rhopalosiphum nymphaeae  100 Rhopalosiphum nymphaeae  99 KT707866.1 
Rhopalosiphum padi Rhopalosiphum padi  100 Rhopalosiphum padi  100 KT447631.1 
Rhopalosiphum rufiabdominalis Rhopalosiphum rufiabdominalis 100 Rhopalosiphum rufiabdominalis 99 KY838209.1 
Saltusaphis scirpus1 Diuraphis sp. 93 Diuraphis sp. 92 KR571162.1 
Sipha flava Sipha flava 100 Sipha flava 98 KR032698.1 
Stibion spp. Sitobion avenae  98.27 Sitobion avenae  97 KR031740.1 
Tertraneura fusiformis Tetraneura nigriabdominalis 100 Tetraneura nigriabdominalis 98 MG164299.1 
Therioaphis trifolii Therioaphis trifolii 99.78 Therioaphis trifolii 99 KY831585.1 
Uroleucon sonchi Uroleucon sonchi  100 Uroleucon sonchi 99 JX051434.1 
Unknown 2017 Myzus hemerocallis 99.83 Myzus hemerocallis 99 KR560496.1 
1 Aphids where Barcode ID did not match morphological identification 
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Table 2-5: Identification of aphid taxa alighting on brassica crops in Brits for the year 2018. The aphids were identified by morphology (Morphological ID) and 
this identification was then correlated using DNA barcoding (Barcode ID), using the mtCO1 gene and homology searches using BLAST and by BOLD 
(www.barcodinglife.org) databases. 
Morphological ID 
Barcode ID 
BOLD BLAST 
Species 
Similarity 
(%) 
Species 
Similarity 
(%) 
Accession 
number 
Acyrthosiphon kondoi Acyrthosiphon kondoi 99.85 Acyrthosiphon kondoi 99 GU978860.1 
Acyrthosiphon pisum Acyrthosiphon pisum 100 Acyrthosiphon pisum 99 AB506720.1 
Aphis spp. Aphis spiraecola 100 Aphis spiraecola 99 AB506735.1 
Aphis spp. Aphis gossypii 100 Aphis gossypii 99 KY679436.1 
Aphis spp. Aphis craccivora 100 Aphis craccivora 99 KX447141.1 
Brevicoryne brassicae Brevicoryne brassicae 99.84 Brevicoryne brassicae 99 KR085122.1 
Capitophorus elaeagni Capitophorus sp. 100 Capitophorus sp. 99 KR566491 
Capitophorus hippophaes Capitophorus hippophaes 100 Capitophorus hippophaes 98 EU701551 
Dysaphis spp. Dysaphis foeniculus 100 Dysaphis foeniculus 100 KF639362.1 
Geoica lucifuga Geoica wertheimae  93.12 Geoica wertheimae  92 EU701670.1 
Hyalpterus pruni Hyalopterus pruni 99.85 Hyalopterus pruni 99 KC286702.1 
Hyperomyzus spp. Hyperomyzus lactucae 99.9 Hyperomyzus lactucae 99 KY837406.1 
Hysteroneura setariae Hysteroneura setariae 99.83 Hysteroneura setariae 99 HQ112194  
Lipaphis pseudobrassicae Lipaphis pseudobrassicae 100 Lipaphis pseudobrassicae 99 KR085133.1 
Macrosiphoniella sanborni Macrosiphoniella yomogicola 97.9 Macrosiphoniella yomogicola 98 KJ502203 
Melanaphis sacchari Melanaphis sacchari  100 Melanaphis sacchari  100 MG838304.1 
Metopolophium dirhodum1 Acyrthosiphon kondoi 100 Acyrthosiphon kondoi 99 GU978860.1 
Myzus persicae Myzus persicae 100 Myzus persicae 99 KM577343  
Pentalonia nigronervosa Pantalonia nigranervosa 100 Pantalonia nigranervosa 99 GU140277.1 
Pemphigus spp.1 Macrosiphum psuedocoryli  93.46  Greenidea lutea  92 JQ926051.1 
Rhopalosiphum maidis Rhopalosiphum maidis 100 Rhopalosiphum maidis 100 JQ920931.1 
Rhopalosiphum nymphaeae Rhopalosiphum nymphaeae 98.52 Rhopalosiphum nymphaeae 92 MF123442.1 
Rhopalosiphum padi Rhopalosiphum padi 100 Rhopalosiphum padi 99 KT447631.1 
Rhopalosiphum rufiabdominalis Rhopalosiphum rufiabdominalis 100 Rhopalosiphum rufiabdominalis 100 MF140490  
Saltusaphis scirpus1 Diuraphis sp. 92.84 Diuraphis sp. 92 KR571162.1 
Schizaphis graminum Schizaphis graminum 97.39 Schizaphis graminum 95 AY531391.1 
Sipha flava  Sipha flava  100  Sipha flava  99 KR032698 
Sitobion spp. Sitobion avenae 98.62 Sitobion avenae 96 KJ742384 
Smythurodes betae Smynthurodes betae 98.33 Smynthurodes betae 97 AY227078.1 
Tetraneura fusiformis Tetraneura nigriabdominalis 100 Tetraneura nigriabdominalis 98 KC197243.1 
Therioaphis trifolii Therioaphis trifolii 100 Therioaphis trifolii 99 KY831585.1 
Unknown 2018  Aulacorthum pterinigrum 92.93  Aulacorthum pterinigrum 93 EU701522   
1 Aphids where Barcode ID did not match morphological identification. 
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2.4.3 Aphid population composition in Swiss chard and Brassica fields in Brits. 
The aphid diversity amongst four brassica crops, i.e. broccoli, cabbage, cauliflower, purple 
cabbage and one non-brassica crop, Swiss chard, was compared in 2017 and 2018. It was found 
that all the vegetable crops in Brits, both brassica and non-brassica, were infested by common 
aphid species throughout the study period, although the number of captured aphid species varied 
for each crop (Table 2-6 and Table 2-7). The aphid species composition (%) captured during the 
monitoring period per crop and per year, are shown in Table 2-6 and Table 2-7. The use of yellow 
bucket traps to monitor aphid species in the different crop fields consistently provided data with 
regards of the diversity and abundance of aphids in crops. The highest aphid diversity was 
observed in the cabbage field, consisting of 30 identified aphid taxa and the least diversity was 
captured in the purple cabbage, with only 19 aphid taxa identified in this crop. Also, the highest 
number of aphids was observed in the broccoli field, followed by the cabbage field, whereas the 
least aphids were collected in the Swiss chard field.  
 
The predominant aphid species landing on all crops were Aphis spp.; M. persicae; R. maidis, R. 
padi, R. rufiabdominalis and T. fusiformis. Aphis spp. accounted for the vast majority of aphids 
recorded in high numbers in all 5 crops, dominating in the Swiss chard and purple cabbage field, 
with an average of 44.94% and 45.87% respectively (Table 2-7). The highest infestation by M. 
persicae was observed in cabbage and broccoli, each comprising of 36.65% and 30.10% of the 
total average number of aphids collected in each field respectively (Table 2-6 and Table 2-7). 
Myzus persicae was less prevalent in cauliflower (Table 2-7), in which only 8.77% was captured. 
Species of the Rhopalosiphum genus, R. maidis and R. padi occurred abundantly in all crops, 
although R. rufiabdominalis was less prevalent in the Swiss chard field (Table 2-7), accounting 
for only 4.24% total average for both years. In addition, T. fusiformis occurred most prevalently in 
cauliflower, comprising 11.97% of the total, whereas 5.01% was captured in Swiss chard (Table 
2-7). Out of all collected species, L. pseudobrassicae was found alighting preferably in the 
cabbage field, with a total average of 3.37% recorded (Table 2-6).
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Table 2-6: The average of the percentage composition of winged aphid species captured in 
the cabbage fields, between 2016 and 2018. 
Aphid species 2016 2017 2018 Average 
Acyrthosiphon kondoi 2.92 0.78 0.48 1.39 
Acyrthosiphon pisum 0.31 0.52 0.05 0.29 
Aphis spp. 6.57 33.33 47.47 29.12 
Aulacorthum pterinigrum - - 0.05 0.02 
Capitophorus elaeagni 0.06 - 0.05 0.03 
Capitophorus hippophaes 0.08 - 0.05 0.04 
Chaitophorus populialbae 0.03 - - 0.01 
Dysaphis foeniculus 0.75 1.04 0.19 0.66 
Geoica lucifuga 0.28 1.82 0.05 0.72 
Hyadaphis coriandri 0.06 - - 0.02 
Hyalpterus pruni 0.06 0.26 - 0.11 
Hyperomyzus lactucae 0.45 3.91 0.53 1.63 
Hysteroneura setariae 0.22 1.30 1.77 1.10 
Lipaphis pseudobrassicae 1.62 8.59 0.81 3.67 
Melanaphis sacchari 1.28 0.78 0.05 0.70 
Metopolophium dirhodum 0.06 - - 0.02 
Myzus persicae 73.49 19.53 16.92 36.65 
Pentalonia nigronervosa 0.06 - - 0.02 
Pemphigus spp. 0.03 0.26 - 0.10 
Rhopalosiphum maidis 2.17 5.47 6.45 4.70 
Rhopalosiphum nymphaeae - - 0.05 0.02 
Rhopalosiphum padi 7.71 10.94 21.85 13.50 
Rhopalosiphum rufiabdominalis 0.64 4.95 2.53 2.71 
Rhopalosiphum spp. - - - - 
Saltusaphis scirpus 0.25 1.30 0.05 0.53 
Schizaphis graminum - - 0.05 0.02 
Sipha flava 0.14 2.08 0.05 0.76 
Sitobion avenae 0.39 0.26 0.05 0.23 
Smythurodes betae - - 0.05 0.02 
Tetraneura fusiformis 0.19 2.60 0.24 1.01 
Therioaphis trifolii 0.19 0.26 0.19 0.22 
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Table 2-7: The average of the percentage composition of aphid species captured in the different crop fields, between 2017 and 2018. 
Aphid species 
Broccoli Cauliflower Swiss chard Purple Cabbage 
2017 2018 Average 2017 2018 Average 2017 2018 Average 2017 2018 Average 
Acyrthosiphon kondoi 0.52 0.42 0.47 - 6.82 3.41 - 4.50 2.25 - 0.13 0.07 
Acyrthosiphon pisum - 0.04 0.02 0.31 0.05 0.18 0.66 0.15 0.41 - - - 
Aphis spp. 17.06 49.30 33.18 13.21 59.38 36.30 27.81 62.07 44.94 54.08 37.66 45.87 
Brevicoryne brassicae - 0.04 0.02 - - - - - - - - - 
Capitophorus elaeagni - 0.08 0.04 - 0.10 0.05 - - - - - - 
Capitophorus hippophaes 0.26 - 0.13 - 0.10 0.05 1.32 - 0.66 0.21 - 0.11 
Dysaphis foeniculus - 0.08 0.04 - 0.05 0.03 - - - 0.21 0.13 0.17 
Geoica lucifuga 0.79 0.04 0.41 1.57 0.05 0.81 1.32 0.30 0.81 0.64 - 0.32 
Hyalopterus pruni 0.26 0.04 0.15 - 0.10 0.05 0.66 - 0.33 - - - 
Hyperomyzus lactucae 0.52 0.38 0.45 4.40 1.54 2.97 0.66 0.15 0.41 0.11 - 0.05 
Hysteroneura setariae 0.26 1.23 0.75 0.31 0.62 0.46 0.66 2.10 1.38 - 2.10 1.05 
Lipaphis pseudobrassicae 1.57 0.55 1.06 6.29 - 3.14 0.66 - 0.33 7.64 1.12 4.38 
Macrosiphoniella sanborni - 0.04 0.02 - - - 0.66 - 0.33 - - - 
Melanaphis sacchari 1.31 - 0.66 0.31 - 0.16 - - - - - - 
Metopolophium dirhodum - - - - 0.36 0.18 0.66 0.15 0.41 - - - 
Myzus hemerocallis - - - - - - 0.66 - 0.33 - - - 
Myzus persicae 25.46 34.73 30.10 7.55 10.00 8.77 19.21 11.84 15.52 6.68 33.92 20.30 
Pentalonia nigronervosa - 0.04 0.02 - - - - - - - 0.13 0.07 
Pemphigus spp. - - - - - - 0.66 0.45 0.56 0.11 0.07 0.09 
Rhopalosiphum maidis 19.69 2.72 11.20 22.01 11.08 16.54 17.22 3.90 10.56 12.51 5.58 9.05 
Rhopalosiphum nymphaeae - 0.04 0.02 - - - 0.66 0.15 0.41 - - - 
Rhopalosiphum padi 12.60 7.22 9.91 9.75 6.62 8.18 4.64 9.60 7.12 6.57 14.57 10.57 
Rhopalosiphum rufiabdominalis 17.06 1.95 9.51 8.81 1.79 5.30 7.28 1.20 4.24 10.60 3.67 7.14 
Saltusaphis scirpus 0.52 0.04 0.28 - 0.26 0.13 0.66 0.15 0.41 - 0.13 0.07 
Sipha flava - - - 0.31 0.05 0.18 0.66 - 0.33 - - - 
Sitobion avenae 0.26 0.04 0.15 0.31 0.10 0.21 0.66 0.15 0.41 - 0.07 0.03 
Smythurodes betae - 0.13 0.06 - 0.10 0.05 - 0.30 0.15 - 0.07 0.03 
Tetraneura fusiformis 1.31 0.38 0.85 23.27 0.67 11.97 9.27 0.75 5.01 0.53 0.39 0.46 
Therioaphis trifolii 0.52 0.42 0.47 0.63 0.15 0.39 3.31 2.10 2.71 0.11 0.26 0.18 
Uroleucon sonchi - - - 0.94 - 0.47 - - - - - - 
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2.4.4 Polerovirus detection in viruliferous aphids  
All aphid species identified in this study were screened for the presence of poleroviruses, using 
primers that target the coat protein of viral particles. The aphids were selected randomly per crop 
and pooled per aphid species, in duplicate or triplicate, with a minimum of 2 - 10 aphids per pool, 
depending on the total number of aphids collected over the 12 - 14 weeks collection period. Aphids 
in which only a single aphid per species were collected, were not subjected to polerovirus 
detection as the samples were used for DNA barcoding. The RT-PCR resulted in the amplification 
of a 563-bp in virus infected aphid species, indicating that these aphids were carrying the virus, 
i.e. they have acquired the polerovirus by feeding on infected plant material and can be 
considered as a potential polerovirus vectors. Aphid species that repeatedly provided a RT-PCR 
amplicon were referred to as polerovirus positive, while aphid species that consistently tested 
negative in the RT-PCR, were referred to as polerovirus negative (Figure 2-2)Out of 36 aphid 
species collected over the 3-year study period, a total of 19 species tested positive, including M. 
persicae, which has been reported to transmit  poleroviruses such as TuYV (Stevens et al. 2008) 
(Table 2-8). No band was observed in the non-template control lane as expected, thereby 
confirming absence of contamination (Figure 2-2). 
 
 
 
 
Figure 2-2: A representative gel of Polerovirus detection. RT-PCR amplification of a 563-bp 
product using coat protein primers were analyzed on a 1% agarose gel. Where M indicates the 
O’GeneRuler 1kb Plus Ladder; NTC indicates the non-template control; + indicates the positive 
control and number 1-8 represent the aphid samples indicated by (1) Saltusaphis scirpus; (2) 
Sipha flava; (3) Dysaphis foeniculus; (4) Capitophorus elaeagni; (5) Myzus persicae; (6) 
Melanaphis sacchari; (7) Pemphigus spp.; (8) Hyadaphis coriandri; (9) Capitophorus 
hippophaes. 
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Table 2-8: Polerovirus positive aphid species over the three-year study period. The number of aphids collected, tested and the percentage of aphids 
that tested positive during the three-year study period are indicated. The positive (%) was calculated by dividing the number of polerovirus positive 
aphids by the total number of aphids tested.  
Aphid species 
(Morphological ID) 
2016 2017 2018 
Collected Tested 
Positive 
(%) 
Collected Tested 
Positive 
(%) 
Collected Tested 
Positive 
(%) 
Acyrthosiphon kondoi 105 21 38 4 3 100 192 47 79 
Acyrthosiphon pisum 11 5 - 3 3 67 2 3 100 
Aphis spp. 236 31 81 786 25 20 4300 250 60 
Aulacorthum pterinigrum - - - - - - 1 * - 
Brevicoryne brassicae 0 0 0 0 - - 1 * - 
Capitophorus elaeagni 2 1 - 0 - - 1 * - 
Capitophorus hippophaes 3 3 100 5 5 40 1 * - 
Chaitophorus populialbae 1 * - 0 - - - - - 
Cinara spp. 1 * - - - - - - - 
Dysaphis foeniculus 27 9 - 4 5 - 4 5 - 
Geoica lucifuga 10 10 - 23 20 - - - - 
Hyadaphis coriandri 2 1 - - - - - - - 
Hyalpterus pruni 2 2 100 2 2 50 2 - - 
Hyperomyzus lactucae 16 11 82 1 * - 23 20 75 
Hysteroneura setariae 8 6 50 7 5 40 142 50 100 
Lipaphis pseudobrassicae 58 19 68 131 21 95 59 40 100 
Macrosiphoniella sanborni - - - 1 * - 1 * - 
Melanaphis sacchari 46 9 - 3 2 - 1 * - 
Metopolophium dirhodum 2 1 - - - - - 5 - 
Myzus hemerocallis 0 0 0 1 * - - - 0 
Myzus persicae 2639 34 100 287 25 80 1804 250 100 
Pantalonia nigranervosa 2 1 - - - - 2 1 - 
Pemphigus spp. 1 * - 2 2 50 2 2 100 
Rhopalosiphum maidis 78 19 58 310 25 20 441 226 34 
Rhopalosiphum nymphaeae - - - - - - 1 * - 
Rhopalosiphum padi 277 20 100 189 25 20 1042 250 100 
Rhopalosiphum rufiabdominalis 23 14 57 11 8 75 198 48 100 
Saltusaphis scirpus 9 6 100 7 5 100 10 8 50 
Schizaphis graminum - - - - - - 1 * - 
Schoutedenia lutea 1 * - - - - - - - 
Sipha flava 5 3 67 9 5 100 2 - - 
Sitobion avenae 14 8 - 1 * - 6 5 100 
Smynthurodes betae 10 10 100 23 20 10 9 5 100 
Tertraneura fusiformis - - - 107 25 20 38 25 20 
Therioaphis trifolii 7 4 100 10 5 60 35 20 60 
Uroleucon sonchi - - - 3 2 - - - - 
*Single collected aphids were not tested for Polerovirus infection. 
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2.5 Discussion  
Aphid monitoring was conducted in various brassica crops and in Swiss chard as a non-brassica 
crop, to investigate the most abundant aphid species alighting on these crops and to determine 
potential polerovirus vector species through polerovirus detection by RT-PCR. To date, detailed 
information on the aphid species diversity found on brassica crops in South Africa have not yet 
been reported. In this study, winged aphids were trapped using yellow bucket traps placed in crop 
fields on a weekly basis over a three-year period and the captured aphid species were identified 
using both morphological and molecular (DNA barcoding) identification techniques for accurate 
species identification. Information on the aphid diversity within crop fields, and particularly the 
identity of polerovirus-vectors, is critical for the development of targeted aphid management 
strategies, particularly for the control of aphid transmitted diseases, such as the Brassica stunting 
disease that is currently affecting brassica production in South Africa. 
 
With an overall total number of 15 440 aphids collected within the study period, in both Brits and 
Groblersdal, the use of yellow bucket traps proved to be an efficient sampling method to determine 
aphid diversity and activity within crop fields. The use of yellow bucket traps is common practice 
in monitoring aphid diversity and aphid activity in crops, such as potatoes (Basky, 2002; Krüger 
et al. 2011; Vučetić et al. 2013; Mondal et al. 2016), sweet potato (Wosula et al. 2013), pepper 
(Atsebeha et al. 2009), wheat (Kuroli and Lantos, 2006), snap bean and alfalfa (Nault et al. 2004), 
lettuce and broccoli (Nebreda et al. 2004). Like many other insects, aphids are attracted to the 
yellow color of the bucket traps and according to Krüger (2015), yellow bucket traps can effectively 
be used to monitor aphid activity at the field level, providing valuable information on non-
colonizing winged aphids landing on the crops and the number of vector species present in a 
particular field.  Wosula and colleagues (2013) compared the use of green and yellow bucket 
traps and their results indicated that the use of yellow bucket traps provides a better indication of 
aphid numbers directly in the crop fields. According to Radcliffe and Ragsdale (2002), the use of 
yellow bucket traps indirectly measures the risk of virus spread (virus forecasting at field level), 
provides information on the time of aphid arrival in the growing season, thus predicting the time 
of infection. Krüger et al. (2014) used yellow bucket traps to determine aphid landing rates within 
potato fields. Aphid monitoring therefore provides support for decision making with regard to the 
implementation of aphid management strategies (Krüger et al. 2014).  
 
The insects collected with the yellow bucket traps were sorted based on morphological 
examination and aphid identification was primarily achieved through the examination of their 
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morphological characteristics by an expert entomologist at the University of Pretoria. Although 
highly effective and reliable, this type of identification requires great skill and considerable practice 
and as such, requires the valuable time of an expert that comes with great cost and time delays 
for identification. Over the 3-year study period, diverse aphid species were identified at varying 
percentages for each season. From both Brits and Groblersdal, a total of 36 taxa were 
morphologically identified, in which six were identified only to genus level and 30 to species level. 
Among the taxa identified, the Aphis spp. has been reported as the largest genus in Aphididae 
consisting about 570 described species (Lagos et al. 2014) and thus, it was only identified to 
genus level in this study.  
 
To supplement the morphological identification and provide clarity on those aphids only identified 
to the genus level, one aphid from each morphologically identified species was subjected to 
further DNA barcoding. The barcoding technique relied on amplification and sequencing of the 
mtCO1 gene, followed by sequence comparison to two open access databases, NCBI BLAST 
and BOLD. These databases, BOLD and BLAST utilize alignment programs to determine the 
identity of the unknown sequence, however the difference of the two programs is that BOLD 
queries the DNA sequence to vouchered samples, i.e. samples that been previously identified by 
a taxonomist, whereas BLAST queries the sequence to both vouchered and non-vouchered 
samples (Keele et al. 2014). For this reason, both databases were used to increase the certainty 
of aphid identification in this study. For the most part, because the species diversity was similar 
in Brits and Groblersdal, DNA barcoding was performed only on the aphids collected in Brits, 
apart from the year 2016, where 4 species unique to Groblersdal were also analyzed. Agarose 
gel analysis was used to confirm amplification of the 658-bp amplicon and to check for primer 
specificity to the target gene (Figure 2-1) and there was no evidence of nuclear pseudogenes in 
the form of multiple bands that have complicated similar studies (Williams and Knowlton, 2001).  
 
In comparison to the morphological identification method, DNA barcoding proved to be a faster 
identification method and did not require extensive knowledge of aphid morphology. It was highly 
reliable and allowed for the accurate identification of all collected aphids, to both genus and 
species level, including the aphid species which were morphologically unidentifiable (unknown). 
In both BOLD and BLAST searches, high sequence similarity percentages were obtained for most 
of the aphid sequences (Table 2-4). Interestingly, for some aphid species, the DNA barcoding 
result were not in agreement with the morphological identification and these discrepancies were 
further investigated. In 2016, 30 aphid species were identified via morphology, but only 20 species 
were barcoded. Barcoding attempts for the other 10 aphid species failed due to the failure of PCR 
to amplify the barcode gene as no amplicons were observed and poor sequencing results were 
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obtained for other aphid samples. Of the 20 species that were barcoded in that year, 5 were not 
in agreement to morphological identification (Table 2-3). For example, Acythorsiphon pisum was 
identified as Hyalpterus pruni by both databases at a similarity of 97% and 99.69% between 
BLAST and BOLD respectively. However, the identity of the aphid could not be confirmed due to 
the loss of the aphid sample, because of the destructive DNA isolation method that was used in 
2016. According to Jinbo et al. (2011), destructive DNA extraction limits DNA barcoding, as no 
voucher specimen is available to acquire additional morphological information from. To overcome 
this limitation, the DNA isolation protocol used in this study was modified and optimized to allow 
for extraction of DNA from whole aphids, non-destructively and individually. This method was 
used for the 2017 and 2018 aphid samples and provided high quality/yield DNA for barcoding as 
well as an intact voucher specimen that could be further investigated to solve discrepancies, as 
was experienced in 2016.  
 
In 2017 and 2018, the modified non-destructive DNA isolation method was used, and all 
morphologically identified species were successfully barcoded (Table 2-4 and Table 2-5). In 2017, 
the morphological ID of three aphid species, Geoica lucifuga; Pemphigus spp. and Saltusaphis 
scirpus were not in agreement with barcoding ID and in 2018, Metopolophium dirhodum; 
Pemphigus spp. and Saltusaphis scirpus were not in agreement. For both years, the voucher 
specimens were sent back to the entomologist for re-examination of their morphological 
characteristics. It was confirmed that Geoica lucifuga was initially misidentified by morphology 
and that Smynthurodes betae was indeed the correct identity, with 97% similarity obtained in both 
the BLAST and BOLD searches. Also, with a 100% identity, Acyrthosiphon kondoi was confirmed 
to be the correct species, which was misidentified as Metopolophium dirhodum in 2018. This was 
done by comparing the morphological features; i.e. Metopolophium dirhodum lacks dorsal 
markings, has darkened apices at the antennal segments, has numerous rhinaria that go all the 
way up to the third antennal segment and has a long but more rounded cauda, whereas 
Acyrthosiphon kondoi contains antennae that are uniform color, has very few rhinaria that do not 
go up all the way on the third antennal segment and the cauda is very long, pointed and gagged 
on the sides (not smooth). 
 
According to Keele et al. (2014), not all organisms are available in both databases and there is a 
possibility that the databases will not agree on the identification. The latter was observed with the 
species Pemphigus spp., for which the barcoded ID in the two databases did not match each 
other in both 2017 - 2018. However, the identity of this aphid was confirmed through the re-
analysis of the voucher specimen. The presence of two or more secondary rhinaria on the 
antennal segments V and VI are morphological characteristics distinct of the genus Pemphigus 
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(Janine Snyman, pers.comm; Blackman and Eastop, 2006). Studies done by Chen et al. 2012 
evaluated alternative mitochondrial genes such as CO2 (671-bp) and Cytb (730-bp) in addition to 
the CO1 gene as DNA barcodes and their findings reported that CO2 sequences resulted in higher 
frequency of success. Thus in future, more than one barcode gene can be evaluated for aphid 
species with no consensus between morphological and barcode ID’s. The Diuraphis genus 
consists of rather elongate aphids with very small siphunculi and a supracaudal process on 
abdominal tergite VIII. These are the morphological characteristics that distinguishes aphids of 
the genus Duiraphis, which were not observed in the voucher specimen of Saltusaphis scirpus 
and for that reason, the entomologist was certain that Saltusaphis scirpus was the correct 
identification (Janine Snyman, pers.comm). In addition, the barcode ID were not in agreement 
with the morphological ID of both Macrosiphoniella sanborni and Tertraneura fusiformis, in which 
it identified the same genus but with different species, i.e. Macrosiphoniella yomogicola and 
Tertraneura nigriabdominalis. According to Blackman and Eastop (2006), the classification name 
of Tertraneura nigriabdominalis was changed to Tertraneura fusiformis, which means that the 
name change was not updated in the barcoding databases, resulting in the discrepancy. The 
species of Macrosiphoniella yomogicola could not be confirmed morphologically, due to the loss 
of the antenna in the voucher specimen, which was required as it is a distinct morphological 
feature for species identification. In similar studies, it was also found that DNA barcoding provided 
a highly accurate and fast aphid identification method, however, the current databases used for 
sequence comparison are not error free, so great care should be used when employing this 
technique in isolation (Rebijith et al. 2013; Karthika et al. 2016). The preservation of a voucher 
specimen to confirm aphid identities via morphological characteristics will still be crucial practice 
to avoid any errors in identification.  
 
The aphid species composition in both regions was similar, however a substantial difference was 
observed in the overall aphid numbers captured in each region, as well the percentage 
composition of each species. A total of 14 998 winged aphids were captured in Brits, whereas in 
Groblersdal, only 443 aphids were collected. The difference in aphid numbers could be attributed 
to the different collection strategies used in the two areas. Collections in Brits formed part of a 
field study (Chapter 3) to evaluate the use of commercial insecticide treatments in limiting BSD 
occurrence in cabbage crops (2017 - 2018). As such, a detailed study was also made of the aphid 
activity and diversity within the Brits area, resulting in weekly aphid collection in various crop fields 
in the area, over the duration of the crop production season. Aphid collection in Groblersdal was 
carried out on the side of a commercial brassica field of McCain food, using only one bucket trap 
in both years and the collection periods were very short, only seven weeks in 2016 and five weeks 
in 2017. In contrast, seven bucket traps were used in Brits in the cabbage field in 2016, where 
after the bucket traps were increased to ten and nine buckets in 2017 and 2018 respectively, and 
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the traps were distributed in the cabbage, purple cabbage, cauliflower, broccoli and Swiss chard 
crop fields. According to Krüger (2015), the use of more than one trap per field are required to 
provide adequate aphid monitoring, thus in future, more bucket traps should be used in the 
Groblersdal region. In addition, the use of green bucket traps can be implemented, to increase 
the sampling of diverse species (Wosula et al. 2013). Lastly, the geographic and climatic 
differences, as well as the differences in crops species planted in the area of collection and 
planting times between Brits and Groblersdal would also influence the aphid species diversity 
occurring in the two areas.  
 
In Brits, aphid numbers were seen to fluctuate dramatically over the three years, with a bi-annual 
pattern seeming to emerge, i.e. high winged aphid numbers in one year (8590 aphids trapped in 
2016 and 4153 in 2018), followed by dramatically reduced aphid numbers in the following year 
(2255 aphids trapped in 2017). Similar patterns, either two year or three-year cyclic patterns have 
been observed for aphid counts in other areas around the world. These trends were seen in long 
term suction trap data obtained over 5 to 20 years, in different studies (Pike et al. 1989; Marroquı́n 
et al. 2004; Kirchner et al. 2013; Krüger et al. 2014; Bell et al. 2015). In these studies, the patterns 
were explained by a cyclic prey-predator effect in which large, early aphid populations enhance 
the build-up of predator populations, which in turn reduces aphid populations prior to the migration 
of aphids to winter hosts and hence leads to smaller aphid populations in the following year 
(Kirchner et al. 2013). This may also hold true for the data collected in Brits, where high aphid 
counts of wingless and parasitized aphids were observed in 2017, followed by low aphid counts 
of wingless and very low parasitized aphid counts in 2018 (see results in Chapter 3). Furthermore, 
Wosula et al. (2013) reported that the fluctuation in aphid numbers or the change in species 
composition could also be attributed to biotic factors which include the aphid reproduction cycle, 
the quality and availability of host plants, predators, parasitoids as well as the presence of 
entomophagous fungi and lastly abiotic factors such as rain, temperature, wind and light intensity. 
Studies done by Kilalo et al. (2013) indicated that the occurrence of heavy rainfall also decreases 
aphid numbers by washing away aphids from hosts. In this study, the total average rainfall 
recorded in Brits for the year 2017 was higher (59.99 mm) when compared to 2016 (48.47 mm) 
and 2018 (51.54 mm), which could explain the lower aphid numbers collected in 2017. However, 
no differences were observed in the average minimum (12.23 °C - 12.98 °C) and maximum (26.13 
°C - 26.63 °C) temperatures for the three year survey (raw data provided in Appendix A). 
 
The composition of the aphid fauna in this study is similar to that reported by Schröder and Krüger 
(2014) in South African potato fields. Collectively, 36 aphid taxa were identified in Brits and 
Groblersdal, all of which have been previously reported to occur in SA by Millar (1990). The 
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species that were frequently caught in the yellow bucket traps placed in various crop fields were 
Aphis spp., M. persicae, R. maidis, R. padi, R. rufiabdominalis, and L. pseudobrassicae. Amongst 
these, Aphis spp. and M. persicae dominated in all the crops and were considered as problematic 
pests due to their contribution to vector pressure. Both these aphids have been recorded as 
important virus vectors (Vučetić et al. 2013). Myzus persicae has been referred to a generalist 
insect due to its wide host range of over 400 species, belonging to more than 40 plant families 
(De Vos and Jander, 2009). According to Coleman 2013, this aphid species has been reported to 
transmit over 100 viruses with high efficiency. Furthermore, several species from the Aphis genus, 
such as Aphis gossypii have been reported to feed and colonize more than 600 host plants, with 
the ability to vector 75 plant viruses, and Aphis fabae, a vector of more than 30 plant viruses 
(Kirchner et al.  2011, Kirchner et al. 2013).  
 
In sub-Saharan Africa, more than 220 aphid species have been reported, of which 40% are 
endemic to Africa and 45% are exotic species that have cosmopolitan or sub-cosmopolitan 
distribution (Sæthre et al. 2011). None of the crops in this study have been reported as primary 
hosts for the aphids identified in this study, excluding L. pseudobrassicae and B. brassicae which 
were the only two aphid species that have been reported by Bodlah et al. (2011) to have cabbage, 
Chinese cabbage and cauliflower as their primary host plants. The results therefore indicate that 
most of the captured species were migrating aphids from neighbouring crop fields, wild plants and 
weeds. The latter is in accordance with Krüger (2015), who stated that yellow bucket traps sample 
migrating aphids. Similar results were obtained by Atsebeha et al. (2009). For example, R. maidis, 
R. padi and R. rufiabdominalis are amongst the most common cereal aphid species worldwide 
(Parry, 2013). The primary hosts of R. maidis are sorghum and maize, as reported by Atsebeha 
et al. (2009), however, within the crops tested in this study, this species was dominantly alighting 
on cauliflower and Swiss chard. Moreover, Schröder and Krüger (2014) reported R. padi as a 
dominant aphid species found in potato fields in South Africa. However, in this study R. padi was 
found alighting dominantly in the cabbage and purple cabbage field. According to Schröder and 
Krüger (2014), the difference in species composition of the various crops can be attributed to the 
visual and olfactory cues emitted by host plants which influences host selection by some aphids 
prior to landing.  Moreover, the spectral reflection of the leaves of various plants may influence 
the aphids’ response to landing (Schröder and Krüger, 2014).  
 
In addition to determining the aphid species diversity in brassica crops, the aim of this study was 
also to determine the identity of those aphid species which are polerovirus carriers and therefore 
considered potential vectors of the BSD currently affecting brassica production in South Africa. 
To date, at least four different polerovirus species, including TuYV-FL, TuYV-Anhui, BrYV-AJS 
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and CaSV-SA have been found in association with brassica plants displaying BSD symptoms and 
studies are currently underway to determine their exact role in this disease pathosystem (Chapter 
3). Reverse transcription polymerase chain reaction is an extremely sensitive technique and has 
been widely used in the detection of viruses that occur at low concentrations and has also been 
used to detect several persistently and non-persistently transmitted viruses within aphids 
(Raigond et al. 2014). In this study, RT-PCR using the polerovirus genus-specific coat protein 
primers developed by Chomic et al. (2010) was used to detect the presence of poleroviruses 
directly within the collected aphid samples. The use of the genus specific primers could not 
provide species specific identification due to the high sequence similarity amongst poleroviruses 
such as BrYV, TuYV and the recombinant CaSV-SA (92% - 100%). 
 
The RT-PCR efficiently amplified a 563-bp viral coat protein fragment, confirming the presence of 
poleroviral genetic material (Table 2-8) in a total of 19 aphid species out of 36 aphid taxa collected 
over the 3-year study period. Seventeen different aphid species have previously been reported to 
vector TuYV (Schliephake et al. 2000) and six of those species; Acyrthosiphon pisum, Aphis 
gossypii (Aphis spp.), M. persicae, R. maidis, R. padi and Sitobion avenae, were also found to be 
polerovirus positive in this study. According to Coleman (2013), M. persicae is regarded as the 
principal vector of poleroviruses, with over 90% transmission efficiency reported for TuYV. Myzus 
persicae has also been reported by Brault et al. (2011) to transmit other poleroviruses species, 
such as Beet chlorosis virus; Beet mild yellowing virus; Beet western yellows virus and Potato 
leaf roll virus.  
 
In total, 19 different aphid species tested polerovirus positive in this study and could be considered 
potential polerovirus and BSD vectors. The results from the conducted RT-PCR assay can 
however only confirm the presence of the poleroviral genetic material within the aphid species but 
would not foretell if the aphid species has the ability to transmit these viruses. According to 
Coleman (2013), the vector specificity for poleroviruses is due to the ability or inability of the viral 
particles to attach to the tip of the stylets of certain aphid species, which is a requirement for 
transmission and because of the presence of the receptor molecules that are required for 
transport of the virus from the gut to the haemocoel, resulting in the accumulation of the virus in 
the salivary glands for transmission. To confirm the virus transmissibility of polerovirus species 
by each of the polerovirus-positive aphid species, a separate aphid colony of each will have to be 
created to confirm or test whether these aphid species can efficiently transmit the polerovirus 
species currently suspected to be responsible for the BSD epidemic in South Africa. In addition, 
the report of thirteen aphid species as potential polerovirus vectors which have not been 
previously reported as vectors, requires further investigation to confirm their vector status. 
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This study provided an overview of the aphid species diversity in brassica crops (cabbage, purple 
cabbage, cauliflower and broccoli) and a non-brassica (Swiss chard). Taken together, 36 aphid 
taxa were identified in all the surveyed crops, in both Brits and Groblersdal, with Aphis spp., M. 
persicae, R. maidis, R. padi, R. rufiabdominalis and L. pseudobrassicae predominately occurring 
in all crops. Of the identified aphid taxa, nineteen aphid species repeatedly tested positive for the 
presence of poleroviruses, providing 13 new reports of possible polerovirus vectors. However, a 
technique which can differentiate between polerovirus isolates must be developed. Where after, 
a transmission assay will be required to determine the transmission efficiency for each species. 
The results obtained indicate the importance of developing control methods to identify and reduce 
aphid vector pressure, which plays a significant role in the field spread of these plant viruses. 
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3.0 INVESTIGATING THE EFFICACY OF SYSTEMIC INSECTICIDES TO 
CONTROL BRASSICA STUNTING DISORDER UNDER NATURAL FIELD 
CONDITIONS 
CHAPTER 3 
Investigating the efficacy of insecticides to control Brassica 
stunting disease under natural field conditions 
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3.1 Abstract 
For the last six years, symptoms of severe stunting, flattening and purpling of leaves, poor root 
development and vascular discoloration in brassica crops, have been observed across the diverse 
growing regions of South Africa, causing considerable crop losses. These symptoms were seen 
to be associated with the presence of aphid transmitted poleroviruses (family: Lueoviridae, genus: 
Polerovirus) and has been termed ‘Brassica stunting disease’ (BSD).  The disease affects various 
brassica species, including cabbages, broccoli, and cauliflower, but is most prevalent in the 
species Brassica oleracea var. capitate, i.e. cabbages. The aim of this study was to investigate 
the efficacy of various commercially available insecticides, in the form of seed treatments 
(Sanokote, thiamethoxam; Cruiser, thiamethoxam); seedling drenches (Actara, thiamethoxam; 
Kohinor, imidacloprid; Confidor, imidacloprid) and treatments with additional foliar sprays Actara-
2, Sanokote-2 and Confidor-2 (Aphox, pirimicarb; Karate Zeon, lambda-cyhalothrin; Movento, 
spirotetramat), at their recommended doses to control aphid infestation and consequently reduce 
BSD incidence. All insecticides were evaluated on an open field trial conducted at Brits during 
2017 and 2018. The field was monitored weekly for the presence of aphids (Hemiptera: 
Aphididae) using yellow bucket traps and the efficacy of the insecticides was determined through 
direct aphid counts on the plant leaves. In 2017, the plants showed symptoms of BSD shortly 
after transplanting in the field and the aphid monitoring data showed that the cabbage crop 
experienced early infestation and colonization by wingless aphids. The number of both winged 
and wingless aphids were greatly reduced by most of the insecticide treatments, although a 
significantly lower BSD incidence was observed only in Actara (8.3%) and Kohinor (9.2%) when 
compared to the untreated control (54.2%). In 2018, the plants showed BSD symptoms much 
later in the season and the plants were infested predominantly by winged aphids throughout the 
field trial. The number of winged and wingless aphids were significantly reduced by four 
insecticide treatments; however a high disease incidence was still obtained on these treatments 
(Actara (58.3%), Kohinor (53.3%), Actara-2 (54.2%) and Confidor-2 (55.0%)) when compared to 
the control (65%). The results also showed that the mean weight of infected cabbages was lower 
than the mean weight of non-infected cabbage heads in both years. The RT-PCR/RFLP analysis 
allowed for the detection and differentiation of four polerovirus isolates, namely TuYV-Anhui, 
BrYV-AJS, TuYV-FL and CaSV-SA in association with the BSD infected cabbage plants, 
predominantly occurring in mixed infections (70%). From the results obtained over the two years, 
the efficacy of the seed and seedling treatments seemed to be influenced by the time of infection, 
the abundance of winged aphids over the season and the BSD disease severity seemed to be 
exacerbated by early colonization of cabbage crops with wingless aphids. Overall, the use of 
insecticides improved crop yield in both years. These findings contribute towards the development 
of knowledge-based management practices of the BSD disease in SA.  
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3.2 Introduction 
With global cultivation and consumption, cabbages (Brassica oleracea L. var. capitata) are 
regarded as one of the most economically and nutritionally important crops in the genus Brassica, 
within the Brassicaceae family (Sarikami et al. 2009; Hasan and Solaiman, 2012; Kibar et al. 
2015).This crop has attained popularity globally because of its low cost of production; wider 
adaptability and its availability all year-round (Hasan and Solaiman, 2012; Rokayya et al. 2013; 
Kibar et al. 2015). This leafy green vegetable is grown mainly for the nutritional content of its 
dense-leaved head, an excellent source of vitamin A, B, C, potassium, iron, calcium and it 
contains the anti-inflammatory amino acid, glutamine, as well as anti-oxidative compounds called 
glucosinolates, which are known to possess anticancer properties (Akbar et al. 2010; Dabbas and 
Kumar, 2015; Kibar et al. 2015; Mohamood et al. 2016). Furthermore, the consumption of 
cabbages on a regular basis have shown to effectively reduce the risk of cancer (Sarikami et al. 
2009; Hasan and Solaiman, 2012; Kibar et al. 2015). In Africa, Angola, Egypt, Kenya, Ethiopia, 
South Africa (SA) and Rwanda are the top five cabbage producing countries (National Department 
of Agriculture, Forestry and Fisheries, 2017). In South Africa, cabbages are produced in all 
provinces, but Western Cape, Kwa-Zulu Natal, Eastern Cape, Gauteng, Free State and North 
West are the major cabbage producers. The cabbages are marketed through the national fresh 
markets, the informal market and chain stores (National Department of Agriculture, Forestry and 
Fisheries, 2017). 
 
Over the last few years, Brassica stunting disease (BSD) has been one of the major constraints 
to cabbage production in South Africa. Research into the BSD causal agent showed that the 
disease is not seed, soil or water borne but is transmitted by aphid species, including Myzus 
persicae (M. persicae) (New and Esterhuizien, 2015). Further studies revealed a clear association 
of at least four different species of poleroviruses including turnip yellows virus (TuYV-FL and 
TuYV-Anhui), brassica yellows virus (BrYV-AJS) and the recombinant, cabbage stunting virus 
(CaSV-SA), in single or mixed infections, with BSD affected plants (Mwaba, pers.comm). 
Poleroviruses are transmitted by several aphid species, primarily by M. persicae in a persistent, 
circulative and non-propagative manner (Asare-Bediako, 2011). Successful viral transmission 
occurs when the aphid acquires the viral particles when feeding on phloem sap from infected 
plants, which then traverse through the intestinal epithelium and accumulate in the accessory 
salivary gland before being released into a plant, along with the aphid’s saliva during the next 
feeding process (Mark et al. 2008; Boissinot et al. 2017). Aphid’s exhibits specialized morphs 
(winged and wingless) that are involved in reproduction, dispersal and survival under 
unfavourable environmental conditions (van Emden and Harrington, 2007). Winged aphids are 
responsible for primary infection, introducing the virus into a field and can spread the virus across 
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large distances, increasing the incidence of virus infection (Davis and Radcliffe, 2008; Coleman, 
2013; Whitfield et al. 2015). Wingless aphids colonize crops and are responsible for so called 
secondary infection, spreading the virus within the field, as they are less mobile (Davis and 
Radcliffe, 2008; Coleman, 2013).  
 
The infection incidences of poleroviruses rely directly on aphid activity (Stevens et al. 2008; 
Juergens et al. 2010). Between 2014 and 2016, the incidence of BSD in cabbage fields in Brits 
was closely monitored and it was found that, in the absence of any specific aphid-control spray 
programs, a bi-annual pattern had emerged, with disease incidences fluctuating between 
approximately 90% and 50% every second year (New, pers.comm). The disease incidences 
seemed to correlate with observed fluctuations in aphid activity in these years, but more extensive 
aphid monitoring data will be required to better understand the fluctuation in disease incidences 
between successive seasons. Environmental changes pose major challenges in the epidemiology 
of viral diseases, with global warming reported to increase the abundance and geographic 
distribution of vector-borne diseases and their spread (Yvon et al. 2017).  
 
Brassica stunting disease has clearly had a major impact on profitable production for small scale, 
commercial and subsistence farmers and as result, the disease has led to the decrease of 
cabbage producing farmers, thereby threatening sustainable brassica production in SA (New and 
Esterhuizen, 2015). In general, cabbages are considered as a subsistence crop and are mostly 
consumed by the poor (Mariga et al. 2012). To ensure sustainable production of cabbage crops, 
it is evident that effective control measures against aphid vectors are required to reduce the 
prevalence of BSD in brassica crops. Currently, there are no aphid or polerovirus resistant 
cabbage cultivars, so famers attempt to control the disease by removing infected plant material 
and relying on the use of broad spectrum synthetic insecticides as their pest management and 
crop protection strategy (Weinberger and Srinivasan, 2009). The use of insecticides has the 
potential to provide a quick and effective solution for insect control, thereby boosting agricultural 
production (Akbar et al. 2010). This is because chemicals have an immediate knock-down effect 
and are easily accessible commercially (Weinberger and Srinivasan, 2009). Even though the use 
of chemicals has become crucial for plant protection, repetitive application is of great concern in 
terms of environmental safety, their effect on non-target organisms and due to the insecticide 
residues that maybe harmful to the consumer (Han et al. 2014; Erdogan and Yildrim, 2016).  
 
Imidacloprid, thiamethoxam and clothianidin are the major active ingredients from the chemical 
class of the neonicotinoid insecticides, which have become the most widely used insecticides on 
the global market, due to their novel systemic mode of action (Simon-Delso et al. 2015; Sekulic 
84 
 
and Rempel, 2016). Once applied, systemic insecticides are distributed to all plant tissues and 
are toxic to any insect that feeds directly on the treated plant (Simon-Delso et al. 2015; Sekulic 
and Rempel, 2016). During plant growth, they degrade slowly overtime, providing long lasting 
protection against the direct damage inflicted by sap feeding herbivorous insects and the indirect 
damage by plant viruses that are consequently transmitted by these insects (Halm et al. 2006; 
Simon-Delso et al. 2015). They are active against a broad spectrum of economically important 
agricultural pests including aphids, whitefly, leafhoppers, plant hoppers, root worms, wireworms, 
mealybugs and phytophagous mites (Simon-Delso et al. 2015). Neonicotinoids provide numerous 
advantages, as they are selectively toxic to arthropods i.e. they have a high binding efficiency to 
invertebrate receptors than to vertebrate receptors, high persistence, systemic in nature, versatile 
modes of applications (seed treatments, seedling drenches and granular application) and they 
provide efficacy against numerous insect pests. In addition, neonicotinoids are highly soluble in 
water and can be applied at low rates thereby reducing the required number of foliar insecticide 
applications (Simon-Delso et al. 2015; Sekulic and Rempel, 2016). Furthermore, they are safe to 
use by both the operator and consumer and have been reported to improve profitability of 
production (Simon-Delso et al. 2015; Erdogan and Yildrim, 2016). 
 
This study was conducted to investigate the efficacy of various commercially available 
insecticides under natural field conditions in reducing aphid infestation, virus transmission and 
consequently virus and BSD incidence. Field surveys were employed to provide information on 
the prevalence and incidence of the disease, as well as the effectiveness of different insecticide 
chemicals, thus enabling informed decisions for disease management strategies. 
 
3.3 Materials and Methods 
3.3.1 Sowing of the cabbage seeds 
The field trials were conducted during the cabbage growing season (March - June) in 2017 and 
(March – July) in 2018 at a commercial farm, Modelpak, located in Brits, North West (25°30'39.9"S 
27°43'29.5"E). A BSD-susceptible cabbage cultivar, Conquistador, from Sakata Seeds Southern 
Africa (Pty) Ltd (Lanseria, Gauteng) was used in all the field trials in this study. In both years, the 
seeds were sown into 200 seedling cavity polystyrene trays filled with steam sterilized bark and 
fiber premium mix number 2 (Bark Enterprises, South Africa) and then covered with vermiculite 
(Mandoval, South Africa). The seedlings were grown in an insect-proofed greenhouse under 
natural light conditions at Sakata seeds, Lanseria, until transport and transplant into the open field 
in Brits.  
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3.3.2 Insecticide treatment of the cabbage seedlings 
Insecticides were applied in the form of seed treatments, seedling drenches and foliar sprays 
(Table 3-1) in order to investigate their ability to reduce aphid populations infesting the cabbage 
crops under natural field conditions. The insecticides were applied at the dose recommended by 
the manufacturer for the control of aphids. Five, single application treatments were evaluated in 
2017, i.e. Cruiser; Sanokote; Actara; Kohinor and Confidor. The same treatments were also 
evaluated in 2018, with three additional follow-up applications that included a second, additional 
insecticide treatments applied as foliar sprays. In 2017, the seedlings were treated at three weeks 
after sowing, whereas in 2018 the seedlings were treated at 4 weeks after sowing. Untreated 
plants were also included as controls, with which to compare the treated plants and determine 
the efficacy of the different treatments in minimizing aphid infestation, polerovirus infection and 
BSD symptoms. 
 
Table 3-1: Commercial insecticide treatments evaluated against aphid infestation on cabbages.  
Method of 
application 
Product name 
 Active  
ingredient 
Dosage Manufacturer 
Seed treatment 
Cruiser® Thiamethoxam 1.3mL/1000 seed 
Syngenta (Pty) Ltd,  
South Africa 
Sanokote TM  Thiamethoxam 2.4g/kg seed Incotec, South Africa 
Seedling drench 
Actara® SC  Thiamethoxam 0.0083mL/plant 
Syngenta (Pty) Ltd,  
South Africa 
Kohinor® 350 SC Imidacloprid 0.0114mL/plant 
Adama (Pty) Ltd.,  
South Africa 
Confidor® 70 WG  Imidacloprid 0.0057g/plant 
Bayer (Pty) Ltd,  
South Africa 
Foliar spray 
Aphox® Pirimicarb 250g/ha 
Syngenta (Pty) Ltd,  
South Africa 
Karate Zeon® 10 CS Lambda-cyhalothrin 60ml/ha 
Syngenta (Pty) Ltd,  
South Africa 
Movento® Spirotetramat 20ml/100L 
Bayer (Pty) Ltd,  
South Africa 
 
3.3.2.1 Seed treatments  
Prior to sowing, the cabbage seeds were placed inside a transparent zip lock bag and treated 
with Cruiser® (Syngenta (Pty) Ltd, South Africa) by pipetting the required volume as stipulated by 
the manufacturer (Table 3-1), moving them up and down the zip lock bag to coat every seed. The 
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coated seeds were then allowed to dry and were then sown directly into labelled seedling trays. 
SanokoteTM (Incotec, South Africa) is a ‘dummypil’ i.e. non-viable seed that is treated with a dose 
of thiamethoxam to provide the living seed with the right amount of the pest protectant without 
negatively effecting germination. It was sown directly next to the respective cabbage seeds. 
 
3.3.2.2 Seedling drenching 
The insecticide solutions were prepared according to the manufacturer’s instructions and the 
dosage applied per seedling, for each treatment, as listed in Table 3-1. The seedlings were not 
watered prior to treatment, to ensure that the soil was dry and to allow for maximum absorption. 
For each treatment, the seedling trays were drenched inside a rectangular plastic container, by 
pouring over the prepared insecticide, moving the seedling tray from side to side and repeating 
the process until all the liquid was absorbed by the medium and plants. To enable effective 
absorption, the seedlings were allowed to take up the treatment overnight. On the following day, 
the treated seedlings were watered and then transplanted into the open field in Brits, to allow for 
natural aphid infestation. Fertilization, irrigation and other cultural practices were carried out as 
recommended for commercial cabbage production. 
 
3.3.2.3 Foliar spray 
In 2018, additional foliar sprays (second treatment) were evaluated on cabbage plants treated 
with Sanokote, Actara and Confidor (primary treatment), with the aim of extending the duration of 
insecticide protection. The treatments were applied at five and seven weeks after transplanting. 
Aphid infestation was already visible by the time of first spraying. The field dose was prepared in 
12 L water, each for Karate (100g/L) and Aphox (500g/kg), Movento 240g/L, respectively. Each 
preparation also included a registered buffer, Allbuff (Arysta LifeScience, South Africa) at 1.5 mL 
and a wetting agent, Wetall (Arysta LifeScience, South Africa) at 12 mL. Prior to insecticide 
application, the number of aphids present on one leaf of 60 randomly selected plants, in each 
treatment, were counted and recorded. The prepared insecticide solutions were then applied 
using a knapsack sprayer with a single nozzle at a rate of 3.5L/50m. The Karate and Aphox 
solutions were applied on cabbage plants treated with Sanokote and Actara, whilst the Movento 
solution was applied on cabbage plants previously treated with Confidor. These treatments were 
then designated Sanokote-2, Actara-2 and Confidor-2, respectively.   
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3.3.2.4 Experimental field design  
In 2017, the field plot was divided into 55 beds, each containing three rows per bed, to 
accommodate five treatments and the untreated control. The treatments were arranged in a 
randomized block design (RBD), each consisting of three replicate rows across the field (Figure 
3-1). Natural aphid colonization and consequently virus infection was allowed to occur throughout 
the cabbage growth season. 
 
 
 
 
Figure 3-1: Field trial layout for 2017. Each block represents two beds, each containing three 
rows that had about 460 cabbage plants per bed. Untreated plants were planted on the edges 
of the field to serve as a border. 
 
In 2018, a field located 100 meters away from the 2017 field was used. The layout consisted of 
34 beds each containing three rows. The treatments were distributed in the field in a randomized 
complete block design, with three replications of each treatment, except for the control treatment 
which had two replicates  
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Figure 3-2: Field trial layout for 2018. Each block represents one bed, containing about 400 
cabbage plants divided into three rows. Untreated plants were planted all around the field to 
serve as a border. 
 
3.3.3 Aphid monitoring 
3.3.3.1 Aphid infestation counts on cabbage plants 
In both years, sixty plants per treatment (twenty in each replicate) were randomly selected, while 
walking in a zig zag manner through the field, avoiding border rows. The selected plants were 
then visually examined by directly counting the number of winged, wingless and parasitized 
aphids present on one leaf per plant, on a weekly basis. For the duration of each trial, data were 
recorded on different leaves, of different plants, within each respective treatment. At the end of 
each field trial, the total number of the specific aphid types counted on each treatment were 
compared to determine the efficacy of the treatments in reducing aphid infestation. The 
percentage of aphid reduction in each treatment was calculated using the following formula:  
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𝐴phid reduction (%) = 100 −  
Taverage
Caverage
 x 100 
 
Where Taverage  = the average aphids counted in a treatment and Caverage = average aphids counted 
in the control. 
 
3.3.3.2 Aphid flight activity  
Winged aphid collection and species identification was done on a weekly basis, over the two-year 
period (2017 - 2018), in the open cabbage field at the Modelpak farm in Brits (North West). Yellow 
bucket water-traps were placed randomly throughout the field to attract and capture the winged 
aphid populations. In 2017, three bucket traps were used and in 2018, as the field was smaller, 
only two traps were used. The traps were half-filled with tap water and a drop of sunlight 
dishwashing liquid (Unilever South Africa (Pty) Ltd) was added to weaken the surface tension. 
The height of the trap was continuously adjusted to canopy height throughout the trial, in order to 
maintain attraction of winged aphids. For the duration of each crop season, the buckets were 
emptied on a weekly basis, by straining the trapped insects through a sieve containing a piece of 
material (gauze), which was then placed in sample bottles containing 99% ethanol (Sigma-
Aldrich, Germany) to preserve the aphids. The collected insects were sorted, counted and 
morphologically identified to species or genus level at the University of Pretoria (Department of 
Zoology and Entomology). The aphid data were then analyzed for trends over the monitoring 
period. 
 
3.3.4 Destructive harvesting evaluation 
At the end of the growing season, when the farmer judged the crops to be ready for harvesting, 
week 12 in 2017 and week 14 in 2018, destructive evaluation was carried out to evaluate BSD 
infection incidences. This was done on 120 plants per treatment (40 plants per replicate) that 
were randomly selected through the field and the BSD incidence, symptom severity and weight 
of cabbage heads were assessed. The selected plants were cut at the base and the total weight 
of the head was recorded to determine the effect of infection on yield. Next, each cabbage head 
was cut in half and evaluated for BSD symptoms, i.e. the presence of the black ring (vascular 
discoloration). The plants were then recorded as infected (vascular discoloration) or 
asymptomatic (no vascular discoloration). The incidence, i.e. percentage of infection, for each 
treatment was then determined by dividing the number of infected plants over the total number of 
plants analyzed: 
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Disease Incidence (%) =  
Number of infected plants 
Total number of  plants analyzed
 × 100 
 
The damage caused by the disease on cabbage plants was assessed visually using a disease 
severity scale (Table 3-2), where 0 represents a plant showing no symptoms and 6 representing 
the most severely infected plant, showing all BSD symptoms. The disease severity for each 
treatment was determined using the formula: 
 
Disease Severity =  
Number of infected plants  × Symptom score
Total number of analyzed plants
 
 
Table 3-2: The visual disease severity scale used to evaluate symptomatic plants (New, 
pers.comm). 
Rating Symptom description 
0 No symptoms 
1 Head formation and slight discoloration in the stem 
2 Head formation (slightly smaller head), stunting, discoloration in the stem 
3 Head formation (soft head), stunting, discoloration in stem and midrib 
4 
Small head formation (soft head), stunting, discoloration in stem and midrib, 
purpling/yellowing of leaves 
5 
No head formation, stunting, purpling/yellowing and flattening of the leaves, 
discoloration in stem and midrib, numerous side shoots 
6 
Severe stunting, purpling/yellowing, numerous side shoots, severe and intense 
discoloration in stem and midrib 
 
3.3.5 Sampling of symptomatic plants for RNA isolation 
Based on the presence of BSD symptoms, ten samples were collected randomly throughout the 
field to identify the poleroviruses associated with them. Total RNA was isolated from each sample 
using the Quick-RNATM MiniPrep kit (Zymo research, USA) according to manufacturer’s 
instructions. The concentration (ng/µl) of RNA was determined by means of UV spectroscopy 
using the NanoDrop® ND-1000 spectrophotometer (Thermo Scientific, USA). RNA integrity was 
checked through agarose gel electrophoresis and the nucleic acid extracts were then stored at -
80 °C until further use. 
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3.3.6 Confirmation of polerovirus field infection using restriction fragment length 
polymorphism (RFLP) 
3.3.6.1 RT-PCR screening for polerovirus infection in field samples 
To confirm the presence of a polerovirus within the symptomatic plants, the isolated RNA was 
analyzed using the OneStep Ahead RT-PCR kit (Qiagen, Germany) according to manufacturer’s 
instructions. The coat protein (CP) primers: CP forward (5'ATGAATACGGTCGTGGGTAGGAG3') 
and CP reverse (5'CCAGCTATCGATGAAGAACCATTG3') (Chomic et al. 2010) were used to 
amplify the polerovirus viral coat protein. All amplifications were carried out in the MasterCycler 
(Merck Chemicals, South Africa) and the thermal cycler conditions were as follows: reverse 
transcription step at 50 °C for 20 min, initial PCR activation step at 95 °C for 10 min followed by 
40 cycles of (i) denaturation at 95 °C for 1 min, (ii) annealing at 55 °C for 1 min, (iii) extension at 
72 °C for 1 min, where after a final extension at 72 °C for 10 min was used. Amplification of the 
coat protein was verified by running a 1% agarose (Sigma-Aldrich, USA) gel to check for the 
presence of a 563-bp amplicon. 
 
3.3.6.2 Selection and amplification of the RFLP region 
The RFLP was conducted to differentiate between different species or isolates of poleroviruses, 
including TuYV, BrYV and CaSV-SA, using complete genome sequences obtained from NCBI 
(Table 3-3). These viral sequences were subjected to multiple sequence alignment for analysis. 
Primers that target the ORF 2 expanding to the 3' end of the genome, were designed to amplify 
the selected RFLP region and proven to anneal to TuYV, BrYV and CaSV-SA (Mwaba, 
pers.comm). Using the extracted RNA, complementary DNA (cDNA) was synthesized using 
primer Inf TuYV R (5'ACACCGAAGTGCCGTAGGGATTTC 3') (Mwaba, pers.comm) with Maxima 
H Minus First Strand cDNA Synthesis Kit (Thermo Scientific, USA) according to the instructions 
set out by the manufacturer. The PCR amplification was carried out with primers CaSV F 
(5'CAACTCCCGGATCAGAGTTATG3') (Mwaba, pers.comm) and Inf TuYV R 
(5'ACACCGAAGTGCCGTAGGGATTTC 3'), 5 µl cDNA and Phusion GC buffer using the High-
Fidelity DNA Phusion polymerase (Thermo Scientific, USA). The amplification of a 2800-bp 
amplicon involved initial denaturation at 98 °C for 30 sec followed by 40 cycles of denaturation at 
98 °C for 30 sec, annealing at 50 °C for 20 sec and extension at 72 °C for 3 min then a final 
extension at 72 °C for 10 min. Plasmids bearing a full-length construct for CaSV-SA and TuYV-
FL were included as controls for the RFLP analysis. 
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Table 3-3: List of poleroviruses full length sequences of poleroviruses used as reference for the RFLP study (Mulaudzi, 
pers.comm). 
Polerovirus 
isolate 
Accession 
Numbers 
Isolate 
Genome length 
(nt) 
Location Host 
BrYV HQ388349.1 BrYV-BBJ 5666 Beijing, China Brassica napus var. napobrassica 
 HQ388348.2 BrYV-ABJ 5666 Beijing, China Brassica napus var. napobrassica 
 KF015269.1 BrYV-Haidian 5678 Beijing, China Brassica rapa pekinensis 
 JN015068.1 BrYV 5678 Beijing, China Raphanus sativus 
 KY310572.1 BrYV China 5649 China Brassica napus 
 MF314820.1 BrYV Anhui 5678 China Tobacco 
 HQ388350.1 BrYV-AJS 5666 Jiangsu, China Brassica campestris L 
 HQ388351.1 BrYV-BJS 5666 Jiangsu, China Brassica campestris 
 KF923236.1 BrYV Cheongsong 5666 South Korea Brassica campestris ssp. Pekinensis 
 TuYV 
KR706247.1 TuYV-Anhui 5643 China Tobacco 
X13063.1 TuYV-FL1 5641 Avignon, France Lettuce 
 
 
3.3.6.3 Restriction endonuclease digestion and RFLP analysis  
The sites for restriction enzyme analysis to cleave the 2800-bp amplicon were identified by means 
of the program NEB Cutter Version 2.0 (http://www.labtools.us/nebcutter-v2-0). The restriction 
enzymes EcoRV and BamHI were found to cleave all three polerovirus species BrYV, TuYV and 
CaSV-SA distinctively and the expected discriminating restriction fragment profiles were named 
PEM1 to PEM4 (Table 3-4). The enzyme digest was carried out in a 10 µl reaction containing 8 
µl of the PCR product, 0.5 µl of each restriction enzyme and 1 µl of the ten times Fast Digest 
Green buffer (Thermo Scientific, USA) as provided by the supplier. The reaction was incubated 
at 37 °C for 16 hrs. to allow for complete digestion followed by 85 °C for 15 min to stop the reaction. 
The restriction patterns were assessed by electrophoresis on a 2% agarose gel. 
 
Table 3-4: Predicted RFLP fragment patterns with their corresponding virus species. 
Name of viral species 
Expected size of 
fragments (nt) 
RFLP pattern 
TuYV-Anhui 1636, 744, 367 PEM1 
BrYV-AJS; BrYV-Cheonsong; BrYV-Anhui 1394, 744, 367, 281 PEM2 
TuYV-FL 1635, 1106, 8 PEM3 
CaSV 1394, 1099, 344 PEM4 
 
 
93 
 
3.3.7 Statistical data analysis 
A complete randomized block design was used with six treatments in 2017, each containing three 
replicates and nine treatments in 2018, with two replicates in the control and three replicates for 
all the other treatments. Statistical analysis was carried out on the average of aphid type counts, 
disease severity and the mean cabbage weight to test for significant differences between the 
treatments. In 2017, the treatments were compared using one-way analysis of variance (ANOVA) 
and in 2018, the Linear Mixed Model, also known as REML analysis was used as the number of 
replications were not the same for all treatments.  The ANOVA and REML analysis were used for 
data with normal distribution and homogenous variances whilst the Generalized Linear Models 
(GLM) was used for data that had a non-normal distribution. For each treatment, the number of 
infected plants, out of the 40 plants analyzed per replicate, were subjected to GLM analysis with 
binomial distribution and for aphid type counts, the Poisson distribution was used. For all 
analyses, the treatment means were separated using Turkey’s test at the 5% level of significance 
(Freund et al. 2010). All statistical analyses were conducted using GenStat® (VSN International, 
2017) and the graphic presentations were carried out using Microsoft Office Excel 2010. 
 
3.4 Results 
3.4.1 General field observations 
Owing to the difference in the aphid flight activity (monitored using yellow bucket traps) and the 
total aphid counts (direct counts of winged, wingless and parasitized aphids) in the two years, the 
data for 2017 and 2018 were analyzed and represented separately. In 2017, the total aphid type 
counts (winged, wingless and parasitized aphids) was higher, with wingless aphids constituting 
75% and winged aphids making up only 5% of the total counts (Figure 3-3). In 2018, a lower total 
aphid type count was observed, with 62% winged aphids and 37% wingless aphids counted 
(Figure 3-3).  
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A 
 
 
B 
 
Figure 3-3: Total number of winged, wingless and parasitized aphids counted directly on plants. In 2017 
(A), a total of 8018 aphids were counted and in 2018 (B), a total of 2445 aphid were counted.  
 
In 2017, the winged aphids counted on cabbage crops remained fairly low over the season, with 
no major peaks in population numbers observed (Figure 3-4 A). In contrast, winged aphid counts 
in 2018 seemed to fluctuate over time, with population peaks observed in week 3 and week 9, 
followed by a drop in aphid counts in week 14 (Figure 3-4 A). A gradual increase in wingless aphid 
counts in 2017 was observed from the first week, reaching a population peak of 987 in week 9, 
after which the counts decreased to 729 in week 12 (Figure 3-4 B). In 2018, low wingless aphid 
counts were obtained, with a peak of 283 wingless aphids counted in week 5, where after the 
counts drastically dropped to only 23 aphids counted in week 7 (Figure 3-4 B). A striking difference 
in the total counts of parasitized aphids was also observed, with high counts of parasitized aphids 
observed in 2017, exhibiting a peak of 484 parasitized aphids in week 12 but in 2018, the counts 
remained consistently low throughout the trial (Figure 3-4 C). 
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Figure 3-4: Total aphid type counts for both 2017 (12-weeks) and 2018 (14-weeks) counted on a 
weekly basis where A represents winged aphids, B, wingless aphids and C, parasitized aphids.  
0
100
200
300
400
500
1 2 3 4 5 6 7 8 9 10 11 12 13 14
T
o
ta
l 
a
p
h
id
 c
o
u
n
ts
Week number
0
200
400
600
800
1000
1 2 3 4 5 6 7 8 9 10 11 12 13 14
T
o
ta
l 
a
p
h
id
 c
o
u
n
ts
Week number
0
100
200
300
400
500
1 2 3 4 5 6 7 8 9 10 11 12 13 14
T
o
ta
l 
a
p
h
id
 c
o
u
n
ts
Week number 
2017 2018
96 
 
The fluctuation in aphid type counts for the two years seemed to correlate with the observed BSD 
incidences in cabbage crops for both years. In 2017, BSD associated symptoms such as stunting, 
yellowing and flattening of the leaves were observed as early as week 6 after transplanting. Most 
of the infected plants displayed a patch effect, i.e. adjacent plants within the same block exhibiting 
symptoms. In comparison, at week 8 after transplant in 2018, the cabbage plants still appeared 
healthy, and the patch effect was not observed (Figure 3-5). 
 
 
 
Figure 3-5: Cabbage plants exhibiting BSD symptoms at 6 weeks in 2017 (left) and at 8 weeks 
in 2018 (right). 
 
3.4.2 Aphid infestation  
Wingless aphids colonizing the cabbage plants were counted in each of the evaluated insecticide 
treatments, to determine the efficacy of each treatment in reducing aphid infestation (Figure 3-6). 
In 2017, aphid infestation in the untreated control occurred almost directly after transplanting, with 
the appearance of wingless colonizing aphids within the second week (52 aphids) followed by a 
gradual increase in aphid numbers over the 12-week period (Figure 3-6 A). A peak in wingless 
aphid counts was observed for the untreated control between week 6 to week 11 (highest count 
590 aphids), with a rapid decrease to a total of 159 wingless at the end of the season (week 12). 
The Cruiser treatment followed a similar trend to the control (Figure 3-6 A). However, wingless 
aphids counted on Actara, Sanokote and Kohinor remained consistently low over the 12-week 
period. All the treatments, except Cruiser, reduced aphid infestation when compared to the control 
(Figure 3-6 A).  
 
The cabbage crops were less colonized by wingless aphids in 2018 (Figure 3-6 B). Wingless 
aphid counts continuously increased for the first 5 weeks, with the highest number of wingless 
aphids counted on Cruiser (91 aphids) and the control (81 aphids) in week 5 (Figure 3-6 B). 
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Throughout the duration of the field trial, a much lower level of aphid infestation was observed in 
Actara-2 (17 wingless aphids), Confidor-2 (23 wingless aphids), Kohinor (29 wingless aphids) and 
Actara (36 wingless aphids) when compared to the control (308 wingless aphids). Following the 
application of the follow-up treatments at week 5, a drastic drop in wingless aphid counts was 
observed in all treatments and remained consistently low even after the second application at 
week 7, until the termination of the field trial (Figure 3-6 B). 
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A 
 
B 
 
Figure 3-6: Aphid infestation of cabbage crops with wingless aphids. Aphid counts in each treatment 
for the 2017 (12-week period) field trial (A) and 2018 (14-week period) field trial (B).  The line graphs 
indicate the total number of aphids counted on 60 cabbage plants per treatment over each season.  
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3.4.3 Aphid flight activity  
In addition to aphid counts, the flight activity of winged aphids alighting on the cabbage crops 
were monitored using yellow bucket traps throughout the season for the two field trials in 2017 
and 2018 (Chapter 2). The trapped winged aphid numbers were seen to fluctuate over the season 
and vary greatly between the two years (Figure 3-7). In 2017, a total of 384 winged aphids were 
trapped in the yellow bucket traps, whereas in 2018, a total of 2034 winged aphids were trapped 
over the 14-week period. This calculates to an average of 32 winged aphids collected weekly in 
2017 and about 145 winged aphids collected in 2018. A similar trend in the fluctuation of winged 
aphid numbers were observed in the first five weeks, followed by an irregular rising and falling 
over the season, for each trial. In addition, a similar trend in winged aphid appearance and 
abundance over both seasons was seen in the winged aphid counts obtained by direct counting 
on the plants (Figure 3-4 B) and the total counts of winged aphids captured in the yellow bucket 
traps (Figure 3-7). 
 
 
Figure 3-7: Aphid flight activity. Number of winged aphids alighting on the cabbage field as 
captured weekly on yellow traps in 2017 and 2018.  
 
3.4.4 Effect of the insecticide treatments on aphid population 
For each field trial, the total aphid counts in each replicate per treatment were subjected to 
statistical analysis to investigate significant differences in the reduction of aphid infestation. The 
statistical analyses conducted on the average aphid counts for each type of aphid are represented 
in (Figure 3-8). When comparing the counts of each aphid type, per treatment over the full 12 
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weeks of the 2017 trial, the untreated control showed a significantly higher (p = 0.001) count of 
all aphid types (winged, wingless and parasitized) than all the other treatments (Figure 3-8). In 
2017, the total aphid infestation was significantly reduced by Actara, Confidor, Kohinor and 
Sanokote (p = 0.001). However, Cruiser was the least effective in reducing aphid infestation and 
had a significantly higher winged, wingless and parasitized aphid counts when compared to 
Actara, Confidor, Kohinor and Sanokote. 
 
In 2018, when the control was statistically compared to all treatments, it had the highest number 
of aphids (winged and wingless) but was not significantly different to Cruiser (Figure 3-8 B). The 
Turkey’s test revealed significant differences between the control and Sanokote, Actara, Kohinor, 
Confidor, Sanokote-2, Actara-2 and Confidor-2. However, Confidor-2 was not significantly 
different to Cruiser, which had the second highest number of winged aphids compared to the 
control. When comparing the wingless aphid counts amongst the treatments, Actara, Kohinor, 
Actara-2 and Confidor-2 significantly reduced the number of wingless aphids occurring on 
cabbage plants, but all four these treatments did not significantly differ from each other. Sanokote, 
Sanokote-2 and Confidor-2 had a slightly higher number of wingless aphids and these treatments 
were found to be significantly different to the previously mentioned treatments. Very low numbers 
of parasitized aphids were counted in the 2018 field trial and there were no significant differences 
in parasitized aphids amongst the controls or any of the treatments. 
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Figure 3-8: Average aphid counts of each aphid type in each treatment in 2017 (A) and 2018 (B). 
Aphids were counted on 60 cabbage plants per treatment on a weekly basis for the duration of 
each field trial. GLM analysis was performed on all aphid type counts and the means were 
separated using Turkey’s test, p= <0.001 and the * indicates the treatments that were significantly 
different from the control. The error bars represent the standard deviation.  
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At the end of each field trial, the incidence of the BSD disease was evaluated by determining the 
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2017 and 2018 field trials are shown in Figure 3-9. In 2017, the untreated control had the highest 
disease incidence with an infection percentage at 54%. All the treatments were found to reduce 
BSD infection when compared to the control but only Actara and Kohinor, significantly reduced 
the disease incidence when compared to the control (54.2%), with an infection percentage of 8% 
and 9.2% respectively. In 2018, the BSD incidence varied between 53% - 69%, with the highest 
incidence in Sanokote and the untreated control at 69% and 65% respectively (Figure 3-9)The 
ANOVA test did not show a significant difference (p = 0.183) in the disease incidence among all 
the treatments when compared to the control in the 2018 field trial. 
 
 
Figure 3-9: Disease incidence in cabbage plants in 2017 (A) and 2018 (B). In 2017, n = 120 for 
every treatment and in 2018, n = 120 for all treatments except the control (n = 80). GLM analysis 
was performed and the means were separated using Turkey’s test, p= <0.001 and the * indicates 
the treatments that were significantly different from the control.  
 
3.4.6 Disease severity  
Cabbage crops displayed typical BSD symptoms and the disease severity varied greatly in the 
two years. The disease severity was determined based on the symptoms exhibited on the 
cabbage plants using a scale rating from 0 (asymptomatic) to 6 (cabbage showing all BSD 
symptoms). The mean weight of the infected cabbage heads and the disease severity are shown 
in Figure 3-10. In 2017, the disease severity for the treated plants ranged between 2.6 - 3.27, with 
the control having the lowest disease severity observed (1.66), but there were no significant 
differences (p = 0.006) between any of the treatments (Figure 3-10 A). In 2018, a high disease 
severity was observed in Sanokote (2.18) and the control (2.14) (Figure 3-10 B). However, no 
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significant differences were observed when comparing the treatments to each other (p = 0.006). 
In addition, the average disease severity of all the treatments in 2017 (1.66 to 3.27) was higher 
than in 2018 (0.99 to 2.18) (Figure 3-10), most probably due to the fact that the plants became 
infected at an earlier growth stage in 2017 than 2018 (personal observation). The results also 
indicate that disease severity lead to yield reduction, i.e. the higher the disease severity observed, 
the lower the mean weight of cabbage head (Figure 3-10). 
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B 
  
Figure 3-10: Mean weight of infected cabbage plants and disease severity for 2017 (A) and 2018 (B). 
No significant differences were observed in the disease severity in 2017 (p = 0.095) and 2018 (p = 
0.006). The error bars represent the standard deviation. 
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3.4.7 Effect of BSD on the mean weight of harvested cabbage. 
The influence of BSD on the weight of the cabbage plants at harvesting was investigated by 
comparing the cabbage head weight of infected and non-infected cabbage plants (Figure 3-11). 
In 2017, significant differences (p = 0.013) were observed between the mean weights of the 
infected cabbage heads. Confidor had significantly higher mean weight (2.2 kg) compared to the 
control (1.33 kg), but not to the other treatments, with the mean weight of infected cabbages 
ranging from 1.78 kg - 2.03 kg (Figure 3-11 A). In 2018, no significant differences were observed 
in either the infected or non-infected cabbage head weights between the treatments or the control 
(Figure 3-11 B). In both years, the mean cabbage weight of the non-infected cabbage heads did 
not show any significant differences between the treatments (p=0.065 in 2017 and p = 0.414 in 
2018), indicating that the treatments had no effect on crop growth. Overall, the mean weights of 
the infected cabbage plants were lower than that of non-infected plants, in both years. 
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A  
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Figure 3-11: Means of cabbage head weight for 2017 (A) and 2018 (B). The linear mixed model (REMEL) 
RBD analysis was done on weight (kg) for both infected and non-infected cabbage crops. Significant 
differences are indicated by a * and the error bars represent the standard deviation. 
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3.4.8 RFLP analysis  
Restriction fragment length polymorphism was carried out to distinguish and differentiate the 
various polerovirus isolates associated with BSD. The restriction enzymes, EcoRV and BamHI, 
were found to cleave the PCR amplified fragments of the BrYV, TuYV and CaSV-SA isolates 
distinctively, resulting in the in silico expected patterns of the polerovirus sequences. The 
predicted band sizes (Table 3-4) were used to draw an in silico expected band pattern (Figure 
3-12 A). The RFLP analysis of both the 2017 and 2018 samples, are shown in Figure 3-12 and 
Table 3-5 . All the predicted fragment patterns were obtained, with some samples showing single 
infections and others found to display mixed infections, containing two or three patterns, 
representing two or three different polerovirus species. It was observed that PEM 1 and PEM 2 
were the most abundant mixed infection combinations present in infected cabbage crops. Of the 
20 samples analyzed between 2017 and 2018, 30% of the cabbage crops indicated single 
infection; 55% mixed infection of two virus isolates and 15% of the plants were infected with three 
different polerovirus species (Figure 3-13).  
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  Figure 3-12: RFLP analysis of the polerovirus sequences, where 
(A) is the in-silico representation (Mulaudzi, pers.comm), (B) and 
(C) indicate the RFLP analysis for the 2017 samples, with B 
showing how the band pattern analysis was performed and (D) and 
(E) showing the RFLP analysis of the 2018 samples. The patterns 
were obtained by running a 2% agarose gel at 3 volts/cm, using 
the ThermoScientific TM O’GeneRuler DNA Ladder (M) as the 
molecular marker. The first lane indicates the undigested PCR 
products and the second lane indicates the restriction digested 
fragments for each sample.  
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Table 3-5: List of samples for RFLP analysis in 2017 and 2018 with the fragmentation patterns 
observed. 
Year Sample RFLP Pattern 
2017 B1 PEM 1 
  B2 PEM 1 and PEM 2 
  B3 PEM 1 and PEM 3 
  B4 PEM 4 
  B5 PEM 1 and PEM 4 
  B6 PEM 1 and PEM 2 
  B7 PEM 1 and PEM 4 
  B8 PEM 1 and PEM 4 
  B9 PEM 1 and PEM 2 
  B10 PEM 2 and PEM 3 
2018 B1 PEM 1 and PEM 2 
  B2 PEM 4 
  B3 PEM 1 
  B4 PEM 1 and PEM 2 
  B5 PEM 4 
  B6 PEM 1, PEM 3 and PEM 4 
  B7 PEM 1, PEM 3 and PEM 4 
  B8 PEM 2 and PEM 4 
  B9 PEM 1, PEM 2 and PEM 3 
  B10 PEM 2 
 
 
 
 
Figure 3-13: Summary of the observed fragmentation patterns in percentages of single and 
mixed infections with either two or three different polerovirus species. 
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3.5 Discussion  
Cabbage crops are attacked by numerous insect pests, including aphids, causing extensive 
damage through direct feeding and virus transmission, resulting in yield reduction and poor crop 
quality. Currently, attempts are made to control BSD by reducing aphid populations during the 
growing season, primarily by using insecticides, since there are no resistant cultivars available 
yet. By targeting the aphid vectors, the chance of polerovirus infection of the cabbage crops is 
reduced. The aim of this study was therefore to evaluate the efficacy of various commercially 
available insecticides in the form of seed treatments, seedling drenches and an additional foliar 
spray on treated plants to increase the protection period of cabbage crops in the field. The 
potential of insecticides to reduce the disease incidence was evaluated by monitoring the 
presence of winged aphids in the field during the season and by counting the different aphid types 
(winged, wingless and parasitized) directly on the cabbage crops on a weekly basis. Treatments 
that effectively reduced aphid infestation of the cabbage crop relative to the untreated control, 
were expected to lead to a reduction in BSD incidence and symptom severity of the crop. 
 
Aphids alighting on the cabbage fields were sampled using yellow bucket traps (Chapter 2), which 
according to Kirchner et al. (2013) can be used to capture aphids that are in the alighting mode 
and thus, their use provides an estimation of virus vectors flying over and settling in the particular 
field crop. This information gives an estimate of the vector, or more importantly the virus pressure, 
in that particular season and can be used to inform disease management practices within a 
season.  In this chemical control study in Brits, the vector and virus pressure experienced at the 
trial site was seen to vary dramatically between the 2016 and 2018 growth seasons, as both the 
aphid activity (number of aphids) and aphid types infesting/colonizing the plants were seen to 
fluctuate between seasons. A much higher number of winged aphids were captured in the 2016 
and 2018 field trials (4153 and 2034 winged aphids, respectively), when compared to the 2017 
trial (384 winged aphids) (2016 data shown in Chapter 2). Moreover, the data from the yellow 
bucket traps obtained in 2017 and 2018, also corresponds with the data obtained from direct 
aphid counts (no direct aphid counts were done in the 2016), where a total of 433 winged aphids 
were counted over the 2017 season and 1529 counted over the 2018 season, respectively, 
indicating that aphid infestation data captured directly on the plants correlated well with the data 
on winged aphid flight activity, captured by the yellow bucket traps. In addition, higher counts of 
wingless aphids accounting for 75% of the total aphid types was obtained in 2017, whereas in 
2018, wingless aphids constituted only 37% of the total aphid types counted, indicating an inverse 
relationship in the occurrence of the winged and wingless aphid types from one season to another.  
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Over the three years of aphid monitoring using yellow bucket traps in Brits, the aphid numbers 
were seen to fluctuate dramatically, with a bi-annual pattern seemingly to emerge, i.e. high winged 
aphid numbers in one year, followed by dramatically reduced aphid numbers in the following year. 
As explained in chapter 2, one of the factors that can influence the fluctuation in aphid numbers 
between years is the cyclic prey-predator effect phenomenon. The results obtained support this 
theory, as in 2017, the cabbage plants were highly infested with wingless aphids immediately 
after transplant, reaching a total of 445 aphids by week 5, and the average counts of parasitized 
aphids amounting to 27.5 in the control. Conversely, lower wingless aphid counts were obtained 
in 2018, with a peak of 81 aphids by week by 5 and a total of 0.287 average counts of parasitized 
aphids in the control observed over the season. The results indicate that the aphid populations 
were also affected by the presence of parasitic wasps and while they were not directly explored 
in this study, the predators potentially altered the number of wingless aphids infesting the cabbage 
plants, thus also suggesting a potential for biological control. The results obtained are in 
accordance with Szczepaniec (2018) who reported several predator species of Coccinellidae, 
Chrysopidae and parasitoid wasps to be pre-adapted to recruit sorghum infested with sugarcane 
aphids, with a direct correlation between aphid numbers and predators. Similar patterns in aphid 
activity between seasons, either two year or three-year cyclic patterns, have been observed for 
aphid counts in other areas around the world (Pike et al. 1989; Marroquı́n et al. 2004; Kirchner et 
al. 2013; Krüger et al. 2014; Bell et al. 2015). These trends were seen in long term suction trap 
data obtained over 5 to 20 years, for the different studies. The fluctuation in aphid abundance 
have also been reported by other research groups, for example, Bell et al. (2015) showed that 
there is a great variation in aphid numbers between years which can be attributed to within-season 
processes, including agricultural practice, which can influence the overall population size. 
 
The fluctuation in aphid numbers, particularly winged aphids between 2017 and 2018, seemed to 
correlate with the observed BSD incidences in brassica crops over the same period. In 2017, 
when wingless aphids dominated in the field, the disease incidence ranged from 8% to 54%, with 
Actara (8.3%) and Kohinor (9.2%) significantly outperforming all the other treatments in reducing 
disease incidence when compared to the control (54%). In 2018, when the winged aphids 
dominated in the field, the disease incidence ranged from 53% to 69%, with no significant 
differences in the reduction of the disease incidence amongst all treatments. Incidentally, this bi-
annual pattern in BSD incidence in cabbage crops in Brits have been observed over the last 5 
years, with disease incidences fluctuating between approximately 90% and 50% every second 
year (New, pers.comm). It must also be mentioned that no chemical control strategies were 
employed to control aphid populations prior to the chemical field trial in 2017 and as such, disease 
incidences as high as 95 % were recorded in 2014 and 2016, and 54% in 2015, in the same area 
in Brits (New, pers. comm). According to Walsh (2011), TuYV infection coincides with aphid flights 
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and the greater the number of aphids flying, the greater the number of plants infected. This 
statement holds true for the 2018 results, where a high number of winged aphids were trapped 
throughout the season and also counted directly on the plant, thus the higher disease incidence 
obtained. According to Ingwell et al. (2012), aphids that feed on virus-infected plants have an 
increased fecundity, with an enhanced production of winged forms of the vector, leading to an 
increased virus spread. Furthermore, Indwell and colleagues reported that virus free aphids are 
attracted to feed on virus infected plants and after acquiring the virus, they prefer to feed on non-
infected host plants, thereby increasing vector fitness. Aphid behavior therefore maximizes 
infection by promoting the migration of viruliferous aphids onto non-infected plants, thereby 
increasing disease incidence. 
 
Numbers of all three aphid types, winged, wingless and parasitized aphids were consistently 
higher in untreated cabbage plants and lower on treated cabbage plants. In 2017, the treatments 
worked exceedingly well in reducing aphid infestation of both winged and wingless aphids. 
Sanokote, Actara, Kohinor and Confidor reduced wingless aphid numbers by up to 94.4%, 99.3%, 
95%, and 99.6% respectively, when compared to the control. The efficiency of these treatments 
against winged aphids was not as high, with 63%, 64%, 78% and 76% in aphid reduction obtained. 
These results coincide with the study done by Mowry (2005), stating that Actara efficiently 
reduced potato leaf roll virus (PLRV) transmission and was highly lethal to an aphid colony of M. 
persicae, with a mortality rate of 100%. According Boiteau and Singh (1999), the active ingredient 
of Kohinor and Confidor, imidacloprid, provides a persistent residual activity and can reduce the 
spread of persistent viruses, such as PLRV, by reducing extended probes which are responsible 
for virus transmission and modifies the dispersal behavior of aphids. However, in 2018, the 
treatments had a lower efficacy, with Sanokote, Actara, Kohinor, and Confidor reducing wingless 
aphid numbers by up to 75%, 88%, 91%, and 67% relatively to the control. In turn, winged aphids 
were only reduced by up to 45%, 38%, 39% and 47% respectively. The difference in treatment 
efficiency between the two years can perhaps be explained by the differences in aphid types and 
the timing of their appearance during the growing season in the two years. In 2017, the aphids 
were observed within the first two weeks after transplant, thus very early in the growing season, 
at a time when the plants were highly susceptible, and the seed or seedling treatments were still 
effective in the plants, providing protection versus the unprotected control. In 2018, much higher 
numbers of winged aphids were observed throughout the season and much lower numbers of 
colonizing aphids. It was also observed that the plants showed symptoms of the BSD much later 
on in the season and as such, it can be assumed that the plants became infected later in the 2018 
season than in the 2017 season, perhaps due to the feeding activity of the high number of winged 
aphids present in the field later in the season, at a time when the concentration of the systemic 
active substances have decreased in the treated plant and as such, would no longer lead to a 
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large difference in BSD infection in the treated versus the control plants. These findings coincide 
with the report by Mowry (2005), stating that the spread of the virus within the field increases 
when the insecticide residues decline, which could also be another reason why the higher winged 
aphid numbers over the 2018 season resulted in higher incidence of BSD. Similar results were 
obtained by Kone et al. (2003), who observed an enhanced susceptibility to virus infection in 
cucurbits at a later growth stage, thereby increasing the disease incidence.  
 
To extend the protection of cabbage plants, additional foliar treatments were also evaluated in 
2018. In order to minimize carry over of the foliar spray treatments to the other rows, the 
Sanokote-2, Actara-2 and Confidor-2 were planted at the edge of the field (as indicated in Figure 
3-2 in materials and methods) and the spray application was directed onto the cabbage heads 
meant to receive the additional sprays. Nevertheless, it was observed that after the first 
application of the foliar sprays in week 5 (1 May 2018), a drastic decline in wingless aphid counts 
was observed across the whole field, in all the treatments, including the control (Figure 3-6 B). 
While it is likely that wind dispersal onto adjacent rows or treatments were possible and could be 
expected, it is highly unlikely that it would have affected the whole field and as such, this decline 
in aphid numbers might be due to other environmental factors. However, the data on the minimum 
and maximum daily temperature, as well as the total rainfall over the season were investigated 
but could not explain the decline in aphid numbers in week 5 or week 7. When looking at the 
efficacy of the additional insecticide sprays, they did reduce aphid numbers, but not significantly 
when compared to treatments without additional foliar sprays, with an aphid reduction of about 
78%, 92% and 94% in wingless aphids and only 27%, 44% and 45% in winged aphids for 
Sanokote-2, Actara-2 and Confidor-2, respectively, when compared to the control. This may be 
because the foliar sprays did not come into contact with aphids on the underside of the leaves. 
According to Radcliffe and Ragsdale (2002), foliar applications tend to be less effective against 
winged aphids due to the shorter persistence of aphicidal residues between the intervals of spray 
application.  
 
In addition to the variable ability of the different treatments to reduce aphid infestation, they also 
had greater success in reducing BSD symptoms in 2017 than in 2018. The results obtained 
suggest that it is the presence of particularly high numbers of winged aphids throughout the 
season, as experienced in 2018, that the BSD is the most problematic. According to Radcliffe and 
Ragsdale (2002), late season flights of M. persicae into the field render insecticide application 
ineffective, and this was seen in 2018, where high winged aphid numbers over the season 
resulted in higher BSD incidences. A further complication to the use of insecticides to prevent 
BSD incidence, i.e. a viral infection, is the fact that it has been shown that even when the 
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insecticide residues are still present within the plant, viruliferous winged aphids are not killed 
quickly enough to prevent virus transmission (Radcliffe and Ragsdale, 2002). Studies done by 
Mowry (2005) reported that insecticidal control is more effective in controlling within field spread 
of PLRV, i.e. the movement of colonizing aphids on potato plants infecting surrounding plant in 
the same field. Limiting the spread that occurs between fields, i.e. the migration of viruliferous 
winged aphids from one field to nearby potato fields to inoculate and colonize a new field, is far 
more difficult, probably due to the inability of insecticides to instantly kill viruliferous aphids and 
prevent infection. This might be because systemic insecticides have a stomach and contact action 
and according to studies by Coleman (2013), aphid salivation during the feeding process releases 
viral particles into the host, thus it can be assumed, that by the time the aphid ingests the toxic 
active substance of the insecticide from the phloem sap, they have already transmitted the virus 
and only die after transmission. Similar results were obtained by Conrad et al. (2018) with TuYV 
and Van Wyk (2017) with PLRV, where both studies have shown that when aphids feed on a 
treated plant, they transmit the virus before they die, therefore insecticides are not efficient in 
eliminating TuYV or PLRV incidence, but only reduces vector pressure. Hence, special 
precautions must be taken against winged aphids. According to Perring et al. (2018) the degree 
of the yellow-green color and the color of the soil has a major influence on aphid landing 
preference. In light of this, incorporating crop mulching, covers and barriers with the use of 
systemic insecticides may provide more efficient protection than using only insecticides. In a study 
done by Cradock et al. (2001), they found both straw and white reflective mulches to be the best 
treatments to reduce aphid settling.  
 
Brassica stunting disease induces symptoms which are very conspicuous in cabbage crops so, 
the cabbage plants were visually assessed for typical BSD symptoms. In order to assess the 
impact of BSD on a cabbage crop and evaluate the protective effect of each treatment, the 
disease severity of the infected cabbage heads was also determined. In 2017, the cabbage plants 
exhibited typical BSD symptoms which included the stunting, yellowing and flattening of the 
leaves and the presence of the black ring in the vascular tissue. However, in 2018 only a few 
cabbages were stunted, with most of them appearing symptomless until much later in the season. 
When the final evaluation was done, most of the cabbages had developed a full head and 
displayed purple discoloration on their outer leaves and when cut open, they clearly displayed 
varying degrees of vascular discoloration, a symptom indicative of the brassica stunting disease. 
Over the years, it has been observed that the symptom severity observed in cabbage crops 
depends on the time of infection (New, pers.comm). With the presence of high numbers of 
wingless aphids earlier in the 2017 season, the plants became infected early in the season and 
the symptoms were more pronounced, particularly displaying the patch effect (clusters of infected 
plants dotted within each row), whilst in 2018 the patch effect was not seen and the symptoms 
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observed were not as severe (Figure 3-5). An additional factor to consider in cases such as in 
seen 2017, is the indirect damage from high numbers of colonizing aphids feeding on the plants. 
According to Pahla et al. (2014), the presence of high levels of aphid infestation on seedlings 
results in excessive feeding on plants, inducing wilting, yellowing and stunting. Thus, it can be 
assumed that in this study, the presence of high numbers of wingless aphids, in addition to the 
time of infection, contributed to the higher symptom severity on highly infested cabbage plants in 
2017.  
 
The effect of BSD on cabbage yield was also evaluated by comparing the mean weights of 
infected versus non-infected cabbage plants. No significant differences between treatments were 
observed in the mean weights of non-infected cabbage heads in both 2017 and 2018. Although, 
the mean weight of non-infected plants in 2017 ranged between 2.06 - 3.4 kg and in 2018 it ranged 
between 3.23 - 4.35 kg, perhaps indicating that the growing conditions were better in 2018 when 
there were fewer colonizing aphids and also, this might be due to the fact that the cabbage plants 
were in the field for 2 weeks longer than in 2017. According to Syed et al. (2005), neonicotinoids 
have no effect on the physiological characteristics of plants and this could be the reason why the 
mean weight of non-infected plants were not significantly different between the treatments. 
However, in 2017, Confidor (2.2 kg) had a significantly higher mean weight of infected cabbage 
plants when compared to the control (1.33 kg) but did not differ significantly to the other 
treatments. Furthermore, it was found that the average weights of infected cabbage plants were 
lower than the average weight of non-infected plants. Similar results were obtained by Kassim et 
al. (2014) who also stated that virus infection limits plant growth. According to Walsh (2011), 
plants are susceptible when young and early infection at this stage reduces yield much more than 
late infection. The latter was also true for this study, where cabbage plants were infected earlier 
in 2017, with many plants becoming highly stunted early in the season, as indicated by the 
presence of the patch effect. In 2018, the late appearance of symptoms seemed to indicate that 
the plants became infected later on in the season, when they had already formed a head and far 
fewer plants were severely stunted (less of the patch effect). It was also seen that the cabbage 
yield of infected plants in 2018 was higher, even with the higher disease incidences reported, in 
comparison to 2017, suggesting that the late infection experienced in 2018 did not affect the 
cabbage head formation and the ultimate weight as drastically as early infection in 2017. Similarly, 
Walsh (2011) reported that early infection of plants by TuYV has a higher impact on yield 
reduction, than later infections. Studies done by Pahla et al. (2014) reported that, beside the 
transmission of viral disease, aphid infestation by both winged and wingless aphids with their 
consequent feeding, affect plant growth, because aphids extract photosynthates, i.e. important 
raw materials for cell division and elongation needed for plant growth and development. The 
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aphids also excrete toxic compounds, with the consequent reduction in carbohydrates quantities 
affecting the plant biomass, resulting in lower yields of rape plants.  
 
The inability of the systemic insecticides to completely prevent polerovirus infection, highlights the 
importance of breeding for genetic resistance to BSD and aphids, in order to provide the best 
protection against BSD in the future. Knowledge about the specific poleroviruses associated with 
the BSD will aid in the development of such resistant crops. During this study, it was therefore 
essential to investigate the poleroviral species present in the cabbage fields in 2017 and 2018. 
This was done by a RT-PCR/RFLP diagnostic procedure, using RNA isolated from symptomatic 
plants collected randomly throughout the field, in both years. An RT-PCR/RFLP was developed 
for four polerovirus species that, upon digestion with BamHI and EcoRV, provided differential 
band patterns that could enable the identification of the individual polerovirus species, i.e. TuYV-
Anhui, BrYV-AJS, TuYV-FL and CaSV-SA. (Mwaba, pers.comm). In both years, the RFLP 
analysis revealed the presence of all four polerovirus species, either in single or mixed infections. 
The results obtained also showed that 70% of the cabbage samples were infected by more than 
one isolate rather than existing as a single infection (30%). The majority of the plants were infected 
by both isolates of TuYV-Anhui and BrYV-AJS, followed by the TuYV-Anhui and CaSV-SA 
combination. Studies done by Buzkan et al. (2013) reported that the frequent occurrence of mixed 
infections can result in recombination amongst poleroviruses. Thus, it is suspected that it was 
during mixed infection with an isolate of TuYV-Anhui and BrYV-AJS that a recombination event 
occurred, resulting in the CaSV-SA recombinant isolate that has been widely detected in cabbage 
crops around SA (Mwaba, pers.comm). According to Hauser et al. (2000) recombination events 
can be identified using RFLP analysis. By using molecular methods such as RT-PCR and RFLP, 
it was possible to detect and differentiate between the brassica infecting poleroviruses in this 
study.  
 
In conclusion, it was seen that the efficacy of the insecticide treatments were influenced by the 
abundance of winged aphids, as well as the timing of infection (early vs late in the season). When 
cabbage plants were infested with wingless aphids right after transplant, the insecticides 
effectively reduced both aphid infestation and BSD incidences, whereas when high numbers of 
winged aphids were present in the field later in the season, the insecticides were less effective at 
reducing aphid infestation or BSD incidence. The results further illustrated the importance of 
monitoring aphids during the growth season, especially aphid flight activities. In future, forecasting 
the time of aphid flight activity should be implemented to provide early warnings about the risk of 
polerovirus transmission. The latter would provide information that will help cabbage farmers to 
optimize their aphid control measures during the growth season thus, ensuring sustainable 
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cabbage production in SA. The Brassica stunting disease was found to be associated with four 
polerovirus isolates, including the recombinant CaSV-SA. The RFLP analysis can be used to 
detect and distinguish poleroviruses present in BSD infected cabbages and can also be used to 
determine the level of natural co-infection of these poleroviruses. In future, infectious clones of all 
four polerovirus isolates should be constructed to characterize their biological and pathological 
properties, and to investigate their interaction and influence on the prevalence of BSD. An 
integrated pest management strategy is recommended where the use of systemic insecticides 
should be complemented by biological (predators) and cultural (reflective mulches) practices. 
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Over the last few years, the Brassica stunting disease has emerged as a threat to the cultivation 
of brassica crops in South Africa. The disease particularly affects the production of cabbage 
crops, one of the main vegetable crops grown for subsistence and also used for hawking by small 
scale entrepreneurs in the informal sector. With up to 90% losses previously reported, BSD has 
had a major impact on profitable production for small scale, subsistence and commercial farmers. 
As a result, the disease has led to a significant decrease in cabbage producing farmers and 
consequently, threatens sustainable brassica production in South Africa. The economic impact of 
BSD is likely to become of greater consequence in the future, especially in light of the countries 
ever increasing population, the consequent need for sustainable food production and the decline 
in land area suitable for agriculture. In order to halt ongoing losses, an appropriate management 
strategy will have to be developed and this cannot be done without knowledge of the BSD causal 
agents and insect vector species. This study was undertaken to investigate the BSD-vector-
pathosystem on three levels i.e. (i) to determine the identity and abundance of aphid species 
found in two brassica crop production areas in South Africa, (ii) to identify potential polerovirus-
vectoring aphid species and (iii) to evaluate the use of insecticides to control BSD by targeting 
aphids infesting the cabbage crops. The information provided by these investigations can be used 
for the development of knowledge-based BSD management strategies that can be used by the 
agricultural industry i.e. seed companies, for the development of disease or aphid resistant 
cabbage varieties; by the chemical companies, for the development of appropriate treatment 
programs and to advise farmers on effective control measures. 
 
Over a three-year period, the aphid diversity and abundance in brassica crops, namely broccoli, 
cabbage, cauliflower, purple cabbage and swiss chard as a non-brassica crop, was determined 
by the identification of the aphid species captured in yellow bucket traps that were placed 
randomly in each crop field, in two growing regions, Brits and Groblersdal. The aphid survey 
revealed a total of 36 different aphid taxa alighting in the crop fields, all of which have been 
previously reported in South Africa, with Myzus persicae and Aphis spp. predominately occurring 
in all the crop fields. The aphid abundance varied greatly within each crop, with the highest 
abundance and diversity recorded in the cabbage crop. The results indicated that the use of yellow 
bucket traps successfully monitored not only the aphid species identity but also their aphid flight 
activity during the growing seasons. The aphid count data recorded by the traps and those 
counted directly on the plants in 2017 and 2018 were highly similar in numbers and trends 
observed in both seasons. Interestingly, the number of winged aphids caught in the yellow bucket 
traps over the three-year period varied dramatically, with a total of 4153 in 2016, 2255 in 2017 
and 8590 in 2018. The fluctuation of winged aphid numbers could not be explained by weather 
data such as temperature and rainfall that was examined for that area for the corresponding three 
years. As such, the best current explanation for this apparent bi-annual pattern in aphid numbers 
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is the predator-cycle effect that has been reported in other areas around the world, where the 
presence of high wingless aphid populations is associated with the presence of predators, 
resulting in a decline in aphid numbers in the subsequent year. In this study, this theory was 
supported by the presence of high numbers of parasitized aphids in 2017, followed by drastically 
reduced numbers of colonizing aphids or parasitized aphids in 2018. However, an additional field 
study must be conducted to extensively investigate the influence of other environmental factors 
such as relative humidity, wind velocity and direction, photoperiod and precipitation on both the 
population of aphids and its predators, in order to understand and predict economic outbreaks of 
aphid populations. This information can then be used to advice farmers on suitable control 
strategies. Lastly, it should be noted that the aphid sampling method used in this study only 
provided information on the species composition of migrating aphids alighting on the crops, not 
the identity of the aphid species colonizing the individual crop species. In future, it will be useful 
to also identify the colonizing aphid species to determine their role in secondary spread of BSD 
within the field. This can be done by sampling and identifying the wingless/colonizing aphids 
feeding on plant leaves, using morphological identification or DNA barcoding followed by a virus 
transmission assay to determine their transmission efficiency.   
 
In this study, aphid species identification was performed using morphological characteristics 
followed by DNA barcoding of single aphid samples. It was found that the morphological 
identification is an unavoidable first step towards aphid identification, even though it requires a 
well-trained entomologist and the process is time consuming and costly. If large numbers of 
aphids are captured, as was the case in this study, with a total of 14998 aphids captured over the 
three-year period, it is unlikely that DNA barcoding alone can be used for aphid identification as 
it would be very labor intensive and costly. The greatest value of DNA barcoding in such an 
epidemiological study, is the fact that it allows accurate identification of any collected aphid 
specimen to both genus and species level, including aphid species which might be 
morphologically unidentifiable (i.e. unknown to the entomologist) or specimens that have lost key 
morphological diagnostic features in sample handling. It should also be kept in mind that, although 
DNA barcoding provided a highly accurate and fast aphid identification method, the current 
databases used for sequence comparison are not error free, so great care should be taken when 
relying on DNA barcoding and that the voucher specimens need to be kept to confirm aphid 
identities via morphological characteristics in cases where discrepancies arise amongst the 
sequence databases used.  
 
The close association between aphid transmitted poleroviruses and the presence of BSD 
symptoms in brassica crops has been shown in previous studies. As such, to investigate this 
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virus-vector interaction, the identity of aphid species harboring poleroviruses were also 
determined in this study. Of the 36-aphid taxa collected over the three years, 29 species were 
screened for the presence of poleroviruses and seven aphid species were excluded because only 
one aphid specimen was collected in the study. In total, 19 aphid species were identified as 
potential vectors of poleroviruses, including A. pisum, Aphis spp., M. persicae, R. maidis, R.padi 
and Sitobion avenae, which have been previously reported by Schliephake et al. (2000) to vector 
poleroviruses (TuYV). This study provided thirteen new reports of polerovirus positive aphid 
species. However, it is important to note that this method gave an indication of aphid species that 
are polerovirus carriers or potential virus vectors but did not provide an indication of the identity 
of the specific polerovirus species detected. For this level of information, further molecular 
analysis will be required. Moreover, to further clarify the potential role of each of these polerovirus-
positive aphid vectors in the BSD epidemiology, their transmission ability and efficiency should 
be investigated by setting up individual aphid colonies and carrying out an infectivity trial. 
 
As the role of aphids in the BSD epidemiology was clarified by insect transmission studies 
conducted between 2014 and 2016, this study evaluated the use of several commercially 
available insecticides with specificity towards phloem-feeding insects in order to reduce the 
incidence of BSD (2017 – 2018). The selected insecticides were applied in the form of seed 
treatments and seedling drenches with both application methods requiring low volumes of the 
insecticide and can easily be applied before transplant. In the second field trail (2018), follow-up 
treatments in the form of foliar sprays were evaluated later in the season (week five and week 
seven), to determine whether the crop protection period of could be extended further. The aphid 
monitoring results revealed that the diversity of aphid species remained relatively consistent 
between the years although, the population size and particularly the aphid type (i.e. winged versus 
wingless) that dominated within each season were highly variable.  As a result, in the year where 
the winged aphid numbers were relatively low throughout the season, but the colonizing wingless 
aphids appeared soon after transplant and increased steadily in numbers over the season, 
symptoms of the BSD appeared early in the season and a higher disease severity was observed. 
Under these conditions, the use of systemic aphicide was highly effective in reducing the BSD 
incidence. In contrast, when the number of winged aphids were much higher throughout the 
season and when there were less colonizing wingless aphids the symptoms of BSD appeared 
much later in the season and the disease severity levels were much lower. As a result, the 
systemic insecticides were less effective in controlling the number of migrating winged aphids, 
thus resulting in high BSD incidences. The use of follow-up treatments did not have any significant 
effect on the reduction of aphid numbers when compared to treatments without the additional 
treatment and to the control. In conclusion, it is clear that early treatment with systemic 
insecticides are highly effective in reducing aphid colonization, secondary transmission and early 
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infection, resulting in lower BSD incidences, but when high numbers of migrating, winged aphids 
are present in a season, the early treatments are much less effective in reducing BSD incidence. 
The early treatment might reduce early infection to a degree, but later in the season the plants 
will still become infected, most likely displaying a lower disease severity and the disease will have 
much less impact on crop yield when the plants are infected later in the season than when they 
are heavily colonized and infected shortly after transplant.  
 
To further investigate the polerovirus-aphid-BSD pathosystem, the identity of the polerovirus 
species present in the field were determined by RT-PCR/RFLP analysis. The RFLP profiles 
obtained indicated the presence of at least four different polerovirus isolates in association with 
BSD affected cabbage plants including isolates of TuYV-Anhui, BrYV-AJS, TuYV-FL and CaSV-
SA, in single (30%) and or mixed (70%) infections of two or three isolates. Mixed infections by an 
isolate of TuYV-Anhui and BrYV-AJS was the most predominant and this combination of viral 
isolates in a single plant is thought to have given rise to the recombinant isolate CaSV-SA. To 
fully understand the role of these polerovirus isolates in the BSD pathosystem, the full genomic 
sequences of all the polerovirus isolates should be obtained and Koch’s postulate be completed. 
Ultimately, a comprehensive understanding of the individual virus-vector and virus-host 
interaction must be established to assist with the development of disease management strategies, 
particularly for the development of resistant crop cultivars.  
 
The development and implementation of effective management strategies to reduce the damage 
of BSD is a major challenge to the vegetable industry. Overall, the results obtained demonstrate 
that the insecticide treatments can reduce aphid infestation and disease incidence, but do not 
work as effectively when high numbers of winged aphids are present throughout a season. For 
effective control of BSD in brassica crops, an integrated approach will have to be developed. 
Firstly, the monitoring of aphid flight activity will provide valuable information about the vector 
pressure that can be expected in the season and chemical control strategies should be tailored 
accordingly. In seasons where high winged aphid numbers are expected, it will be worthwhile to 
conduct a field experiment to evaluate alternative control treatments that can be applied later in 
the season in order to advice farmers accordingly. In addition, attempts should be made to more 
effectively include biological and cultural control methods, such as the use of reflective mulches 
to reduce aphid landing rates on the crops. Lastly, it is imperative that host resistance be 
developed by breeding for resistance against poleroviruses and the aphid vector, as host 
resistance will provide the most durable and environmentally friendly protection, without additional 
labor and costs to farmers. 
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Weekly aphid collection data for the cabbage field in 2016.  
Table 5-1: Numbers and species of aphid samples collected and morphologically identified in the cabbage crop in 2016. 
Aphid specie 
(Morphological ID) 
Date of collection 
31-Mar 6-Apr 12-Apr 20-Apr 26-Apr 3-May 10-May 18-May 26-May 31-May 8-Jul 14-Jun 22-Jun 28-Jun Total 
Acyrthosiphon kondoi - - - - - 1 - 5 10 14 17 19 33 6 105 
Acyrthosiphon pisum - - - - - 5 6 - - - - - - - 11 
Aphis spp. - 15 6 11 8 34 43 37 26 13 16 6 13 8 236 
Capitophorus elaeagni - - - - - - - - - - 2 - - - 2 
Capitophorus hippophaes - - - - - - - - 3 - - - - - 3 
Capitophorus populialbae - - - - - - - - - - 1 - - - 1 
Dysaphis spp. - 2 1 3 1 1 1 3 - 2 3 2 5 3 27 
Geoica lucifuga 1 - - - 3 - - - 2 2 1 - - 1 10 
Hyadaphis coriandri - - - - - - - 2 - - - - - - 2 
Hyalpterus pruni - - - - - 1 - 1 - - - - - - 2 
Hyperomyzus spp. - - - - - - - - - 1 - 2 10 3 16 
Hysteroneura setariae - - - - - 3 - 5 - - - - - - 8 
Lipaphis pseudobrassicae - 1 - 1 5 5 5 4 10 4 1 9 9 4 58 
Melanaphis sacchari - 7 1 1 6 4 11 9 2 1 2 1 - 1 46 
Metopolophium dirhodum - - - - 2 - - - - - - - - - 2 
Myzus persicae 6 22 5 39 129 297 227 641 635 208 200 87 119 24 2639 
Pantalonia nigranervosa - 1 - - - - - 1 - - - - - - 2 
Pemphigus spp. - - - - 1 - - - - - - - - - 1 
Rhopalosiphum maidis 1 5 1 3 8 11 4 12 2 4 12 3 9 3 78 
Rhopalosiphum padi - 1 - 2 5 11 8 19 26 39 21 69 37 39 277 
Rhopalosiphum rufiabdominalis - 3 - 3 - - - - 1 - 8 3 3 2 23 
Saltusaphis scirpus - - - - - 1 1 - - 2 3 1 1 - 9 
Sipha flava 1 - - - - - 1 - - - 1 - 2 - 5 
Sitobion spp. - - - 1 3 1 1 2 3 3 - - - - 14 
Tetraneura fusiformis - - 1 - - 2 - 2 - 1 - - 1 - 7 
Therioaphis trifolii - - - - 1 - - 6 - - - - - - 7 
Nymphs - - 41 2 9 281 131 37 2 2 56 - - - 561 
Damaged aphids 8 10 17 40 23 33 15 26 23 15 33 23 41 17 324 
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Aphid collection in various crops 2017 
 
Table 5-2: Numbers and species of aphid samples collected and morphologically identified in the cabbage crop in 2017. 
Aphid species 
(Morphological ID) 
Date of collection 
5-Apr 12-Apr 19-Apr 26-Apr 5-May 10-May 17-May 24-May 31-May 7-Jun 14-Jun 21-Jun Total 
Acyrthosiphon pisum 1 - - - - - - - - - 1 - 2 
Acyrthosiphon kondoi - - - - - - - - - - 1 2 3 
Aphis spp. 4 - - 3 30 18 18 7 8 14 12 14 128 
Dysaphis spp. - - 1 - - - 3 - - - - - 4 
Geoica lucifuga - - - - 1 2 - - - - 2 2 7 
Hyalopterus pruni - - - - - - - - - 1 - - 1 
Hyperomyzus spp. - - - - 5 6 - - - 1 1 2 15 
Hysteroneura setariae - 1 - - - - 1 - - - 1 2 5 
Lipaphis pseudobrassicae - - 1 - 7 9 1 3 3 2 2 5 33 
Melanaphis sacchari - - - - - - - - 1 1 1 - 3 
Myzus persicae 1 - - 7 6 6 8 1 6 2 16 22 75 
Pemphigus spp. - - 1 - - - - - - - - - 1 
Rhopalosiphum maidis 2 4 1 8 5 - - - - - - 1 21 
Rhopalosiphum padi - - - 5 - - 1 3 2 2 6 23 42 
Rhopalosiphum rufiabdominalis 3 - - 3 - 2 - 2 5 2 - 2 19 
Saltusaphis scurpis - - - - - - - - 1 - 4 - 5 
Sipha flava - - - 1 1 - 1 - - 1 - 4 8 
Sitobion spp. - - - - - - - 1 - - - - 1 
Tertraneura fusiformis - - - 3 5 - 1 - 1 - - - 10 
Therioaphis trifolii - - - 1 - - - - - - - - 1 
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Table 5-2: Numbers and species of aphid samples collected and morphologically identified in broccoli in 2017. 
Aphid species 
(Morphological ID) 
Date of collection 
15-Mar 22-Mar 30-Mar 5-Apr 12-Apr 19-Apr 26-Apr 5-May 10-May 17-May TOTAL 
Acyrthosiphon kondoi 2 - - - - - - - - - 2 
Aphis spp. 15 19 7 4 - 2 7 6 1 4 65 
Capitophorus hippophaes - - - - - - - - - 1 1 
Geoica lucifuga - - 1 - - - 2 - - - 3 
Hyalopterus pruni 1 - - - - - - - - - 1 
Hyperomyzus spp. - - 2 - - - - - - - 2 
Hysteroneura setariae 1 - - - - - - - - - 1 
Lipaphis pseudobrassicae - 1 - 1 2 1 1 - - - 6 
Melanaphis sacchari 4 - - - - - - - 1 - 5 
Myzus persicae 10 4 - 3 28 8 18 7 10 9 97 
Rhopalosiphum maidis 26 37 8 1 - 3 - - - - 75 
Rhopalosiphum padi 7 8 13 7 - 2 10 - 1 - 48 
Rhopalosiphum rufiabdominalis 4 19 18 16 4 - 2 - 1 1 65 
Saltusaphis scirpus 1 - - - - - - 1 - - 2 
Sitobion spp. - - 1 - - - - - - - 1 
Tetraneura fusiformis - - 1 - - - - 2 1 1 5 
Therioaphis trifolii 1 - - - - - - - - 1 2 
Nymphs - - - - 66 11 - - - - 77 
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Table 5-3: Numbers and species of aphid samples collected and morphologically identified in cauliflower in 2017. 
Aphid species 
(Morphological ID) 
Date of collection 
15-Mar 22-Mar 30-Mar 5-Apr 12-Apr 19-Apr 26-Apr 5-May 10-May 17-May Total 
Acyrthosiphon pisum - - - - - - - - - 1 1 
Aphis spp. 3 10 2 1 - - - 1 10 15 42 
Capitophorus hippophaes - - - - - - - - - 1 1 
Geoica lucifuga - - 1 - - - - - 4 - 5 
Hyperomyzus spp. - 1 1 - - - - - 6 6 14 
Hysteroneura setariae - 1 - - - - - - - - 1 
Lipaphis pseudobrassicae 1 2 - - - - 1 3 3 1- 10 
Melanaphis sacchari - - - - - - - - 1 - 1 
Myzus persicae - 1 - - 2 - - - 7 14 24 
Rhopalosiphum maidis 20 14 20 12 1 - 1 1 1 - 70 
Rhopalosiphum padi - 9 7 9 4 2 - - - - 31 
Rhopalosiphum rufiabdominalis 2 3 8 3 1 - 1 4 2 4 28 
Sipha flava 1 - - - - - - - - - 1 
Sitobion spp. - - 1 - - - - - - - 1 
Tetraneura fusiformis 5 - - - - - - 15 16 38 74 
Therioaphis trifolii - - - - - - - - 1 1 2 
Uroleucon sonchi - - - - - - - - 2 1 3 
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Table 5-4: Numbers and species of aphid samples collected and morphologically identified in purple cabbage 2017. 
Aphid species (Morphological ID) 
Date of collection 
15-Mar 22-Mar 30-Mar 5-Apr 12-Apr 19-Apr Total 
Aphis spp. 376 61 15 22 27 9 510 
Capitophorus hippophaes 1 - - - - 1 2 
Dysaphis spp. - - - - 1 1 2 
Geoica lucifuga - 1 1 2 1 1 6 
Hyperomyzus spp. 1 - - - - - 1 
Lipaphis pseudobrassicae 2 4 3 1 22 31 62 
Myzus persicae 25 3 2 11 7 15 63 
Pemphigus spp. - 1 - - - - 1 
Rhopalosiphum maidis 20 16 13 31 18 10 108 
Rhopalosiphum padi 7 17 2- 14 1 3 42 
Rhopalosiphum rufiabdominalis 1 45 30 10 12 2 100 
Tetraneura fusiformis 3 1 - 1 - - 5 
Therioaphis trifolii 1 - - - - - 1 
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Table 5-5:  Numbers and species of aphid samples collected and morphologically identified in spinach 2017. 
Aphid species  
(Morphological ID) 
Date of collection 
15-Mar 22-Mar 30-Mar 5-Apr 12-Apr 19-Apr 26-Apr 5-May 10-May 17-May 24-May 31-May Total 
Acyrthosiphon pisum - - - - - - - - 1 - - - 1 
Aphis spp. 13 - 7 7 3 1 1 3 5 1 - 1 42 
Capitophorus hippophaes - - - - - 1 - - 1 - - - 2 
Damaged - - 11 - - - 3 - - - - - 14 
Geoica lucifuga - 1 1 - - - - - - - - - 2 
Hyalopterus pruni - - - - - - - - - - - 1 1 
Hyperomyzus spp. - - - - - - - - 1 - - - 1 
Hysteroneura setariae 1 - - - - - - - - - - - 1 
Lipaphis pseudobrassicae - - - - - - - 1 - - - - 1 
Macrosiphoniella sanborni 1 - - - - - - - - - - - 1 
Metopolophium dirhodum 1 - - - - - - - - - - - 1 
Myzus persicae 9 1 - - - 2 - 4 - - - 13 29 
Pemphigus spp. - 1 - - - - - - - - - - 1 
Rhopalosiphum nymphaeae - - - - - - - - - - 1 - 1 
Rhopalosiphum maidis 2 7 3 4 - - 9 1 - - - - 26 
Rhopalosiphum padi 5 - 1 - - - - - - - - 1 7 
Rhopalosiphum rufiabdominalis 3 3 1 - - - - 1 2 - - 1 11 
Saltusaphis scirpus - - - - - - - - - - 1 - 1 
Sipha flava - 1 - - - - - - - - - - 1 
Sitobion spp. - 1 - - - - - - - - - - 1 
Tertraneura fusiformis - 1 2 - 2 - 3 5 1 - - - 14 
Therioaphis trifolii 1 1 - - - 1 - 2 - - - - 5 
Unknown - - - - - - - - 1 - - - 1 
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Aphid collection in various crops in 2018 
 
Table 5-6: Numbers and species of aphid samples collected and morphologically identified in cabbage in 2018. 
Aphid species 
(Morphological ID) 
Date of collection 
3-Apr 10-Apr 17-Apr 24-Apr 2-May 7-May 14-May 22-May 29-May 5-Jun 12-Jun 19-Jun 28-Jun 5-Jul Total 
Acyrthosiphon kondoi 2 - 2 1 1 2 - - - 1 1 - - - 10 
Acyrthosiphon pisum - - - - - - - 1 - - - - - - 1 
Aphis spp. 79 125 73 158 182 101 113 72 69 9 7 3 2 - 993 
Capitophorus elaeagni - - - - - - 1 - - - - - - - 1 
Capitophorus hippophaes 1 - - - - - - - - - - - - - 1 
Dysaphis spp. 2 1 - - - - - - - - - - 1 - 4 
Geoica lucifuga - - - - - - - - - - - 1 - - 1 
Hyperomyzus spp. - - 3 1 1 - - 1 1 1 1 2 - - 11 
Hysteroneura setariae 1 - 1 3 6 - 9 16 - 1 - - - - 37 
Lipaphis pseudobrassicae 4 - 1 2 - 1 2 4 1 1 - 1 - - 17 
Melanaphis sacchari - - - 1 - - - - - - - - - - 1 
Myzus persicae 40 11 35 17 11 9 2- 71 80 23 13 10 7 7 334 
Pemphigus spp. - - - 1 - - 1 - - - - - - - 2 
Rhopalosiphum maidis 66 12 26 21 7 - 1 - 2 - - - - - 135 
Rhopalosiphum nymphaeae - - - - 1 - - - - - - - - - 1 
Rhopalosiphum padi 2 - 2 19 3 9 5 5 18 65 55 83 163 28 457 
Rhopalosiphum rufiabdominalis 1 - 1 2 1 1 6 14 14 6 2 4 1 - 53 
Saltusaphis scirpus - - - - - - - - - 1 - - - - 1 
Schizaphis graminum - - - - - - 1 - - - - - - - 1 
Sipha flava - - - - - - - - 1 - - - - - 1 
Sitobion spp. 1 - - - - - - - - - - - - - 1 
Smythurodes betae - - - 1 - - - - - - - - - - 1 
Tetraneura fusiformis - - - 2 1 2 - - - - - - - - 5 
Therioaphis trifolii - - 2 - - - - - - - 2 - - - 4 
Unknown 1 - - - - - - - - - - - - - 1 
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Table 5-7: Numbers and species of aphid samples collected and morphologically identified in broccoli in 2018. 
Aphid species 
(Morphological ID) 
Date of collection 
3-Apr 10-Apr 17-Apr 24-Apr 2-May 7-May 14-May 22-May 29-May 5-Jun 12-Jun 19-Jun Total 
Acyrthosiphon kondoi - - 4 - - 1 - 1 - 4 - - 10 
Acyrthosiphon pisum - - - 1 - - - - - - - - 1 
Aphis spp. 239 395 77 56 133 66 24 64 42 2- 33 12 1161 
Brevicoryne brassicae - - - - - - 1 - - - - - 1 
Capitophorus elaeagni - - - - 2 - - - - - - - 2 
Dysaphis spp. - - - 1 1 - - - - - - - 2 
Geoica lucifuga - - - - 1 - - - - - - - 1 
Hyalpterus pruni - - - - 1 - - - - - - - 1 
Hyperomyzus spp. 1 - - 1 1 - - 2 2 2 - - 9 
Hysteroneura setariae - 2 - 1 4 2 7 9 4 - - - 29 
Lipaphis pseudobrassicae 2 2 3 3 - - - - 1 - - 2 13 
Macrosiphoniella sanborni 1 - - - - - - - - - - - 1 
Myzus persicae 119 144 95 19 36 43 33 86 111 56 38 38 818 
Pantalonia nigranervosa - 1 - - - - - - - - - - 1 
Rhopalosiphum maidis 18 8 6 7 18 3 1 1 2 - - - 64 
Rhopalosiphum nymphaeae - - - - - - - 1 - - - - 1 
Rhopalosiphum padi - 1 - 8 13 3 2 6 14 18 40 65 170 
Rhopalosiphum rufiabdominalis - 1 - 4 4 1 4 13 15 2 - 2 46 
Saltusaphis scirpus - - - - - - - - 1 - - - 1 
Sitobion spp. - - - - - - - 1 - - - - 1 
Smythurodes betae - - - - - - - - 1 - 2 - 3 
Tetraneura fusiformis 1 - - - 2 2 - 1 1 - - 2 9 
Therioaphis trifolii - 5 - - - - - - - - 1 4 10 
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Table 5-8: Numbers and species of aphid samples collected and morphologically identified in cauliflower in 2018. 
Aphid species 
(Morphological ID) 
Date of collection 
3-Apr 10-Apr 17-Apr 24-Apr 2-May 7-May 14-May 22-May 29-May 5-Jun 12-Jun 19-Jun Total 
Acyrthosiphon kondoi - 107 13 1 5 - 1 - - 2 2 2 133 
Acyrthosiphon pisum - 1 - - - - - - - - - - 1 
Aphis spp. 133 213 170 211 236 70 51 35 8 21 6 4 1158 
Capitophorus elaeagni - - 1 1 - - - - - - - - 2 
Dysaphis spp. 1 1 - - - - - - - - - - 2 
Geoica lucifuga 1 - - - - - - - - - - - 1 
Hyalpterus pruni - - 1 - - - - - - - - - 1 
Hypermyzus spp. - - 1 - - - 1 - - - - - 2 
Hysteroneura setariae 1 1 - 2 5 1 8 12 - - - - 30 
Lipaphis pseudobrassicae 1 - 3 1 2 1 - 2 - 1 1 - 12 
Metopolophium dirhodum 7 - - - - - - - - - - - 7 
Myzus persicae 67 34 23 18 21 7 7 3 8 1 - 6 195 
Rhopalosiphum maidis 41 44 21 74 30 5 1 - - - - - 216 
Rhopalosiphum padi 1 - 1 20 16 4 2 2 6 14 2- 43 109 
Rhopalosiphum rufiabdominalis - - 3 10 3 1 7 2 4 3 1 1 35 
Saltusaphis scirpus - - - 1 1 - - 1 1 1 - - 5 
Sipha flava - - - - 1 - - - - - - - 1 
Sitobion spp. - - - - - 1 - - 1 - - - 2 
Smynthurodes betae - - - - - - 1 - 1 - - - 2 
Tetraneura fusiformis - 1 - 6 2 - 2 1 - - - 1 13 
Therioaphis trifolii - 1 1 - - - - - - 1 - - 3 
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Table 5-9: Numbers and species of aphid samples collected and morphologically identified in purple cabbage in 2018 
Aphid species 
(Morphological ID) 
Date of collection 
3
-
Apr 
10-Apr 17-Apr 24-Apr 2-May 7-May 14-May 22-May 29-May 5-Jun 12-Jun Total 
Acyrthosiphon kondoi - - 1 - - - - 1 - - - 2 
Aphis spp. 2
8 
81 57 89 145 37 43 32 46 12 4 574 
Dysaphis spp. - - - - - 1 - - 1 - - 2 
Hysteroneura setariae - 1 3 2 1 - 15 7 3 - - 32 
Lipaphis pseudobrassicae - - - 1 6 - 2 1 4 1 2 17 
Myzus persicae 1
8 
30 44 37 56 45 50 18 135 63 21 517 
Pantalonia nigranervosa - - - - 2 - - - - - - 2 
Pemphigus spp. - - - - - - - 1 - - - 1 
Rhopalosiphum maidis 1
5 
21 17 19 6 - 1 2 2 1 1 85 
Rhopalosiphum padi 2 - 3 8 12 9 2 4 50 77 55 222 
Rhopalosiphum 
rufiabdominalis 
- 2 1 4 3 1 15 2 26 1 1 56 
Saltusaphis scirpus - 1 - - - - 1 - - - - 2 
Sitobion spp. - 1 - - - - - - - - - 1 
Smythurodes beta - - - - - - - - - - 1 1 
Tetraneura fusiformis - - 1 2 1 2 - - - - - 6 
Therioaphis trifolii 1 - 2 - - - - 1 - - - 4 
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Table 5-10:  Numbers and species of aphid samples collected and morphologically identified in spinach in 2018 
Aphid species 
(Morphological ID) 
Date of collection 
3-Apr 10-Apr 17-Apr 24-Apr 2-May 7-May 14-May 22-May 29-May 5-Jun 12-Jun 19-Jun 28-Jun 5-Jul Total 
Acyrthosiphon kondoi - 8 4 2 1 - 1 1 - 4 5 - 3 1 30 
Acyrthosiphon pisum - - 1 - - - - - - - - - - - 1 
Aphis spp. 74 80 50 25 29 43 31 36 30 7 7 1 1 - 414 
Geoica lucifuga - - - 1 - - - - 1 - - - - - 2 
Hyperomyzus spp. 1 - - - - - - - - - - - - - 1 
Hysteroneura setariae - 1 2 2 1 - 6 1 1 - - - - - 14 
Metopolophium dirhodum 1 - - - - - - - - - - - - - 1 
Myzus persicae 32 15 9 3 3 4 8 2 - - - 1 1 1 79 
Pemphigus spp. - 1 - - - 1 1 - - - - - - - 3 
Rhopalosiphum maidis 5 9 4 3 3 - 2 - - - - - - - 26 
Rhopalosiphum nymphaeae - - - - - - - 1 - - - - - - 1 
Rhopalosiphum padi - - - - 1 1 - 4 1 5 10 13 27 2 64 
Rhopalosiphum rufiabdominalis - - - 2 - 1 3 - 1 - - 1 - - 8 
Saltusaphis scirpus - - - - - - 1 - - - - - - - 1 
Sitobion spp. - - - - - - 1 - - - - - - - 1 
Smythurodes betae - - - 1 - - - - - - - 1 - - 2 
Tetraneura fusiformis - - 1 1 - 1 - - 1 - - 1 - - 5 
Therioaphis trifolii 2 5 2 - - - - 1 - - 1 2 1 - 14 
144 
 Weather data 
This weather data were obtained from the agricultural research council institute for soil, climate and water 
(South Africa, Pretoria), collected from Wildebeesthoek station which is located 36 km ESE from our trial 
site (-25.510703, 27.724084). 
 
 
Table 5-11: Average rain fall (mm), minimum (Tn) and maximum (Tx) temperatures (°C) observed over the three years. 
 2016 2017 2018 
No Month Tn Tx 
Total 
rainfall 
Tn Tx 
Total 
rainfall 
Tn Tx 
Total 
rainfall 
1 January 17.05 30.04 107.19 16.57 28.27 138.18 15.64 31.19 68.33 
2 February 17.71 31.61 77.47 16.99 26.93 213.36 16.21 28.43 42.16 
3 March 15.93 28.52 145.8 14.32 28.97 31.75 15.03 27.97 200.41 
4 April 13.33 27.25 6.86 12.85 25.62 58.67 13.28 25.36 57.66 
5 May 9.45 22.06 33.78 9.52 23.35 20.83 9.17 22.71 0.45 
6 June 7.82 20.22 12.95 7.57 21.32 0 6.95 21.24 0 
7 July 6.88 20.05 3.05 7.79 22.13 0 5.52 19.96 0.01 
8 August 8.24 24.08 0 8.4 23.13 0 9.62 24.96 2.54 
9 September 12.45 27.66 2.29 12.12 28.68 16 12.64 28.68 13.46 
10 October 14.7 29.87 45.72 12.74 27.39 52.83 12.25 28.42 73.66 
11 November 15.41 28.94 69.85 13.66 29.16 81.53 14.27 29.61 24.38 
12 December 16.77 29.29 76.71 15.49 28.66 106.68 16.2 31.31 135.38 
 Average 12.98 26.63 48.47 12.34 26.13 59.99 12.23 26.65 51.54 
 
Duration of the field trials: 
• 2016 (March to June) 
• 2017 (April to June) 
• 2018 (April to July)  
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 Figure 5-1: Minimum and maximum temperature and rainfall in Brits over 
the 3-year period (2016-2018). 
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